

  Skeletal Muscle Function during Exercise—Fine-Tuning of Diverse Subsystems by Nitric Oxide




Skeletal Muscle Function during Exercise—Fine-Tuning of Diverse Subsystems by Nitric Oxide







Int. J. Mol. Sci. 2013, 14(4), 7109-7139; doi:10.3390/ijms14047109




Review



Skeletal Muscle Function during Exercise—Fine-Tuning of Diverse Subsystems by Nitric Oxide



Frank Suhr, Sebastian Gehlert, Marijke Grau and Wilhelm Bloch *





Institute of Cardiovascular Research and Sport Medicine, Department of Molecular and Cellular Sport Medicine, German Sport University Cologne, Am Sportpark Müngersdorf 6, 50933 Cologne, Germany









*



Author to whom correspondence should be addressed; Tel.: +49-221-4982-5380; Fax: +49-221-4982-8370.







Received: 31 January 2013; in revised form: 17 March 2013 / Accepted: 19 March 2013 / Published: 28 March 2013



Abstract:

 Skeletal muscle is responsible for altered acute and chronic workload as induced by exercise. Skeletal muscle adaptations range from immediate change of contractility to structural adaptation to adjust the demanded performance capacities. These processes are regulated by mechanically and metabolically induced signaling pathways, which are more or less involved in all of these regulations. Nitric oxide is one of the central signaling molecules involved in functional and structural adaption in different cell types. It is mainly produced by nitric oxide synthases (NOS) and by non-enzymatic pathways also in skeletal muscle. The relevance of a NOS-dependent NO signaling in skeletal muscle is underlined by the differential subcellular expression of NOS1, NOS2, and NOS3, and the alteration of NO production provoked by changes of workload. In skeletal muscle, a variety of highly relevant tasks to maintain skeletal muscle integrity and proper signaling mechanisms during adaptation processes towards mechanical and metabolic stimulations are taken over by NO signaling. The NO signaling can be mediated by cGMP-dependent and -independent signaling, such as S-nitrosylation-dependent modulation of effector molecules involved in contractile and metabolic adaptation to exercise. In this review, we describe the most recent findings of NO signaling in skeletal muscle with a special emphasis on exercise conditions. However, to gain a more detailed understanding of the complex role of NO signaling for functional adaptation of skeletal muscle (during exercise), additional sophisticated studies are needed to provide deeper insights into NO-mediated signaling and the role of non-enzymatic-derived NO in skeletal muscle physiology.
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1. Introduction

Skeletal muscle tissue is highly plastic and shows a wide spectrum of adaptations towards mechanical and metabolic stress, as induced by physical exercise. To achieve adaptational benefits from exercise training, a variety of skeletal muscle subsystems are involved to orchestrate the complex systemic interactions taking place in skeletal muscle tissues. This implicates at least three fundamental myocellular responses to ensure short and long-term functional integrity of skeletal muscle in response to altered demands of workload as it exists during exercise. First, the acute modulation of excitation–contraction coupling and the adapted sensitivity of contractility by reverse modification of contractile elements encourages the immediate adaptation. Second, an acute increase in substrate and oxygen uptake has to be initiated, in addition to the glycolytic and oxidative metabolic routes being turned on. Third, both acute and chronic regulation of gene expression and protein levels, as well as posttranslational modifications of proteins, are required to achieve sustainable signaling and structural adaptations of skeletal muscle to maintain and to increase exercise performance capacities.

In recent years, hypotheses emerged that a small and diffusible molecule, nitric oxide (NO), has important regulatory functions in all these cellular processes. As outlined below, NO was identified as the major vasodilator; however, NO production is not restricted to endothelial cells (ECs), but, interestingly, is produced in a variety of additional cell types, including skeletal muscles [1]. These findings are of high relevance, as they attribute the important roles of NO in physiological signaling mechanisms also to skeletal muscles.

As has been previously described, different compartments of skeletal muscle myofibers harbor divergent members of an enzyme family that mediates the formation of NO. These enzymes are known as nitric oxide synthases (NOS) and include three identified members: nNOS, iNOS, and eNOS [1]. In skeletal muscles, NOS enzymes thus contribute to acute and adaptational mechanisms via generation of nitric oxide [1]. It is well established that skeletal muscle produces NO already at rest [2]. Interestingly, however, it was observed that NO concentration increases up to 200% in response to repetitive muscle contractions [3]. Along with an increase in NO level, it was observed that reactive oxygen species (ROS) and reactive nitrogen species (RNS) formation also increase upon contractile activity [4–6]. While ROS/RNS have long been deemed deleterious for cells and tissues, possibly resulting in oxidative and nitrosative stress leading to endothelial dysfunction [7], there is now increasing evidence that both function as signaling molecules regulating vascular smooth muscle cell growth [8] and modulating changes in cell and tissue homeostasis and gene expression [9,10].

Because the underlying mechanisms and effects of NO in skeletal muscle adaptation during exercise are still elusive, we address in the following sections the most recent findings of NO signaling in skeletal muscle and place particular emphasis on exercising conditions. Furthermore, the importance of NO in skeletal muscle subsystems is highlighted with respect to exercise-induced adaptations to maintain the skeletal muscle function and structure and to improve physical performance capacities.



2. Basics of Nitric Oxide

Nitric oxide (NO), a member of the nitrogen oxides, is a colorless free radical that can react with other free radicals, as well as molecular oxygen (O2). The biological function of NO, formerly known as “endothelium-derived relaxing factor,” was discovered in mammals in the 1980s and was shown to be responsible for the regulation of vascular tone [11,12].

Subsequent studies have shown that NO is a key regulatory molecule regulating central biological processes in almost all tissues, cells and organs. NO is involved in the regulation of blood pressure through relaxation of vascular smooth muscle cells and vasodilatation of blood vessels. Impaired endothelial function as described in cardiovascular diseases, such as the coronary heart disease [13], is associated with reduced bioavailability of NO and increased generation of superoxide anions. These events restrict cyclic guanosine 3′,5′-monophosphate (cGMP)-dependent protein kinase and reduce NO/cGMP-dependent relaxation in smooth muscle cells [14]. In the immune system, NO is involved in the control of infectious diseases [15], tumors [16] and the autoimmune process [17]. In the cardiovascular system, NO limits platelet aggregation and adhesion and leads to disaggregation of already aggregated platelets [18,19]. In inflammatory processes, NO is released from the endothelium, acting in an anti-inflammatory manner by inhibiting the adhesion of leukocytes and endothelial cells. In the skeletal muscle, NO is involved in the regulation of contractility and it is also suggested that NO mediates satellite cell activation, thereby contributing to muscle repair [20].



3. Reaction Routes of NO

NO as a free gas exhibits a variety of reaction routes. NO either oxidizes to nitrite and nitrate [21] or reacts with O2 and superoxide anions to generate low molecular weight NO derivatives (NOx) [22]. Peroxynitrite, the reaction product of NO and superoxide anions, is the most reactive free radical species causing oxidative injury [23].

In the endothelium, NO is permanently produced to accommodate the increased blood flow by dilating arteries. Endothelial NO diffuses internally across the cell membrane into smooth muscle cells or into the lumen of the blood vessel, where it first reaches the blood platelets and inhibits platelet activation through activation of soluble guanylate cyclase (sGC) and cyclic guanosine 3′,5′-monophosphate (cGMP) accumulation [24]. The NO/cGMP signaling pathway also plays an important role in the cardiovascular and neural system, where it influences the relaxation of smooth muscle cells [25–27] and modulates synaptic transmission [28,29].

It is important to note that the generation of cGMP is only the first event in the signaling pathway induced by NO. cGMP is capable of activating protein kinase G (PKG) which, in turn, phosphorylates serine or threonine residues on other proteins, thereby modifying their activities [30]. Other effectors include cGMP-regulated phosphodiesterases (PDEs) and cyclic nucleotide-gated cation channels, which are involved in sensory processes, and cyclic GMP-dependent protein kinases (cGK) [26]. A key protein modulated by this action is Rho A kinase. This protein promotes the phosphorylation of myosin by activation of the myosine light chain kinase (MLCK) and inhibition of the myosin light chain phosphatase (MLCP), which opposes MLCK. cGMP-activated protein kinases enhance the inactivation of Rho A kinase by phosphorylation. This action inhibits the contraction of the smooth muscle, thus increasing blood flow which, in turn, decreases blood pressure [31]. cGMP also activates PKG1, which subsequently phosphorylates and modulates the activity of a variety of downstream targets. PKG1 decreases intracellular calcium levels in vascular smooth muscle cells following membrane hyperpolarization and inhibition of myosin light chain phosphorylation, which all contribute to vasorelaxation [32]. These mechanisms are predominantly described for smooth muscle cells. However, it is highly likely that similar pathways are involved in skeletal muscle function, although the knowledge is still highly limited. To underline the hypothesis that cGMP and mediated signaling plays a role in skeletal muscle tissue, it should be highlighted that, in a recent study, the importance of NO and cGMP in the proliferative of myogenic precursors, known as satellite cells, was described [33]. These data support the idea that NO and cGMP might overtake crucial functions in skeletal muscle, not limited to functional regulation of skeletal muscle. It remains to be elucidated whether exercise changes the signaling properties and routes of NO/cGMP-dependent events.

It is important to address that NO has also a direct mechanism of action, besides it indirect signaling via cGMP. NO interacts with free reactive cystein thiol groups of proteins to form S-nitrosothiols [34,35]. This reaction termed S-nitrosylation represents a mechanism, through which NO acts independently of the NO/cGMP pathway [36]. The binding of NO to proteins ensures, on the one hand, that the biological effectiveness of NO is preserved, since NO is a very unstable and highly reactive molecule [37]. On the other hand, the S-nitrosylation is a major posttranslational modification, which affects the functionality of proteins. S-nitrosylation is described in various tissues and cell types for a variety of proteins of different species including enzymes, membrane receptors, ion channels, transcription factors, and metalloproteins [38]. Therefore, protein activity is regulated by a precise ratio of S-nitrosylation and denitrosylation [39]. It is known that S-nitrosylations play critical roles in vascular functions, but it has not yet been determined which functions are mediated by S-nitrosylations in skeletal muscle functions and whether exercise has regulatory properties in the change of these signaling pathways.



4. Enzymatic and Non-Enzymatic Synthesis of NO

NO is biosynthesized from the amino acid l-arginine [40]. The concentration of l-arginine varies within the organism. In the blood and extracellular fluids, concentrations of 60–80 μM have been found, while cells exhibit even higher concentrations [31]. l-arginine concentrations in red blood cells, for example, have been found to be 258 ± 113 μM [41].

NO can be produced enzymatically and non-enzymatically in the cells and tissues. Enzymatic NO generation is carried out by the NOS family members. The enzymes catalyze by binding the substrate l-arginine [40], a flavin-mediated electron transfer from the electron donor nicotinamide adenine dinucleotide phosphate-oxidase (NADPH), to the prosthetic heme group. A variety of other cofactors are required for the NO formation, including O2, calmodulin (CaM) and tetrahydrobiopterin (BH4). The latter is bound near the heme group in order to transfer the electrons to a guanidino nitrogen group of l-arginine. In reaction with oxygen, Nω-hydroxy-l-arginine is first formed before l-citrulline and NO are produced [42] (Figure 1).

Figure 1. Schematic illustration of NOS dimer and NO formation from l-arginine. The two monomers are combined to form a dimer. The synthesis of NO depends on the presence of the substrate l-arginine and the cofactors including: molecular oxygen (O2), nicotinamide adenine dinucleotide phosphate (NADPH), flavin adenosine dinucleotide (FAD), flavin mononucleotide (FMN), calmodulin (CaM) and tetrahydrobiopterin (BH4). In reaction, l-arginine with oxygen Nω-hydroxy-l-arginine is first formed before l-citrulline and NO are produced (modified after [31]).
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Although the enzymatically produced NO is mainly considered to be the major source of NO in mammals, it has long been assumed that nitrite and nitrate are harmful and/or inert oxidation products of NO [43,44]. Until recently, it was believed that both nitrate and nitrite can be recycled back to NO under acidic or highly reduced conditions which occur in disease states, such as ischemia. This NO formation is not prevented by inhibition of the NOS enzyme, and the accumulation of NO from typical nitrite concentrations found in biological tissues rises about 100-fold when the pH falls from 7.4 to 5.5 [45]. This event results in vasodilation, which implies that nitrite functions as a potent vasodilator under mild hypoxic or acidic conditions [46,47]. The vasodilation was thus thought to inversely correlate with the oxygen saturation of the hemoglobin and with the formation of iron-nitrosyl-hemoglobin and, to a lesser extent, S-nitrosylated hemoglobin [46]. Further studies have shown that nitrite-induced vasodilation is inhibited at high hemoglobin oxygen fractional saturation, whereas vasodilation is promoted when hemoglobin unloads to 50% saturation [48]. These processes are helpful to support the exercising skeletal muscle tissue with oxygen to maintain the physiological environment in order to produce force.

Hemoglobin, however, is not the only member of the heme globin family capable of reducing nitrite to NO under hypoxic conditions. Recently, Totzeck and colleagues [49] have shown in mice that myoglobin, the oxygen-binding protein of the skeletal and heart muscle, also reduces nitrite to NO under hypoxia [46,50,51]. Another established effect of myoglobin-dependent reduction of nitrite was the activation of the NO/sGC/cGMP signaling pathway, which leads to a reduction in blood pressure. The involvement of NOS isoforms 2 and 3 was consequently excluded [49].



5. Nitric Oxide Synthase (NOS) Isoforms

We have mentioned that a family of isoforms has been described. The calcium-dependent constitutive forms include neuronal NOS (nNOS, NOS1) with the mitochondrial NOS (mt-NOS) as its α-isoform [52,53]. In mature skeletal muscle and heart, an alternative splice form of nNOS, containing an insert that arises from alternative splicing of nNOS pre-RNA [54,55], has been found and termed nNOSμ (nNOSμ).

Endothelial NOS (eNOS, NOS3) [56] is another constitutively expressed NOS isoform leading to vasorelaxation [57]. Recently, the functional activity of an endothelial type NOS has been described in red blood cells (RBC-NOS) [58–60] being responsible for RBC deformability through S-nitrosylation of cytoskeletal proteins [61].

The inducible NOS (iNOS, NOS2) is a calcium-independent form since CaM is tightly bound and therefore no calcium increase is required for its activation. iNOS is stimulated by cytokines [62,63], such as TNF-α, IFN-γ, and IL-1β [64], which have been shown to be increased in the skeletal muscle of patients with coronary heart failure [65]. Increased iNOS activity leads to accumulation of toxic concentrations of NO leading to inhibition of key enzymes of the oxidative phosphorylation or attenuation of the contractile performance of the skeletal muscle [66]. Studies have shown that long-term endurance training reduces the local expression of IL-1β and TNF-α in quadriceps muscle [67], which also leads to a reduction in iNOS expression. This has been associated with a disinhibition of aerobic enzymes preventing the production of pro-apoptotic peroxynitrite [68]. In contrast, a study by Akita and colleagues revealed that exercise-induced increases in NO level protect the myocardium from ischemia/reperfusion injury. iNOS and eNOS have both been identified as sources for NO synthesis, but in contrast to iNOS expression, which increased only after the seventh day of exercise, eNOS activation was continuously increased. After induction of ischemia/reperfusion injury, trained mice showed significantly smaller infarct sizes, which led to the conclusion that exercise contributes to late cardioprotection against ischemia/reperfusion injury [69].

The genes for these isoforms are encoded on different chromosomes, while the genomic structure shows high similarities, indicating a common ancestral gene. nNOS is encoded on chromosome 12 (12q24.2→24.31), iNOS on chromosome 17 (17p11→17q11), and eNOS on chromosome 7 (7q35→7q36) [70,71]. The Michaelis constant (Km) of the individual isoforms were found to be 1.4–2.2 μM for the nNOS [72], 2.8, 16 and 32.3 μM for iNOS [73] and 2.9 μM for eNOS [74].



6. Localizations of NOS Isoforms and Their Occurrence in Skeletal Muscle Tissue

The isoforms have been named after the tissues or cells from which they have been originally purified in order of their discovery, but they are also expressed in other systems. nNOS activity was first shown in macrophages [73], but is also present in human alveolar and bronchial epithelial cells [75], carcinoma cells, vascular smooth muscle cells or endothelial cells [76]. iNOS has been found in the nervous system, in skeletal muscles and the respiratory epithelium [75] and eNOS is not only present in the epithelium, but also in the heart, skeletal muscle and in neurons [77,78].

The different enzymes in the organisms and their subcellular, as well as cellular localizations, lead to different functions of NO. The enzymes are therefore tailored for the locations and stimuli where NO is required. The main areas relate to the blood flow, neurotransmission and immune-response. nNOS has been detected in skeletal muscles, e.g., human gastrocnemius, omohyoideus, quadriceps, urethral sphincter and vastus lateralis muscle [79–82]. In rats and/or mouse, the diaphragm, deltoideus, extensor digitorum longus (EDL), gastrocnemius, levator labii, soleus, quadriceps, and tibialis anterior muscle have been found positive for nNOS [79,83–86]. Human skeletal muscle tissue shows higher nNOS activity than the human brain [82], while in rats, nNOS activity is higher in the brain than in the limb or diaphragm muscles [86]. nNOS enzyme has been found to bind to membranes or cytoskeletal structures [82]. Therefore, in human muscles, about 80% of nNOS activity is found in the pellet fraction compared with about 50% in mouse skeletal muscles [79], thus suggesting a tight membrane association. In contrast, in guinea pig skeletal muscle, almost all nNOS activity was found in the particulate fraction [87]. Examination of nNOS distribution in different muscle fiber types reveals that nNOS is mainly concentrated at the surface membrane of type II (fast-twitch) fibers (EDL, gastrocnemius, plantaris), whereas type I (slow-twitch; soleus) fibers shows no or only weak reaction [86,88,89]. Nevertheless, other studies by Gossrau et al. [90] and Kusner et al. [91] suggest that in rat facial muscle, and extrafusal and intrafusal fibers of sheep, sarcolemmal nNOS is present in both type I and type II fibers. Also in humans, nNOS is expressed in both muscle fiber types [90,92], although some studies state that nNOS expression is higher in the cytoplasm and at the sarcolemma of type I than type II fibers (vastus lateralis muscle) [80]. nNOS binds to α1-syntrophin, a dystrophin-associated protein (Figure 2). These three proteins are associated at the inner surface of the sarcolemma and subsarcolemmal areas near mitochondria [93]. A lack of dystrophin has been shown in patients with Duchenne muscular dystrophy and in animal models of this disease which consequently leads to a loss of nNOS from the sarcolemma.

Figure 2. Mechanisms of nitric oxide in exercising skeletal muscle: (1) eNOS regulates blood flow by nitric oxide-mediated vasodilatation; (2) Neuronal NOS induces NO production in loaded skeletal muscle; (3) NO modulates RyR1 Ca2+ channel- and SERCA Ca2+ channel; (4) Ca2+ ions increase calmodulin kinase activity which also enhances NOS activity; (5) NO inhibits the activity of calpains which facilitate myofibrillar breakdown; (6) NO reversibly interacts with skeletal muscle myosin; (7) mtNOS/eNOS induced NO reversibly inhibits cytochrome-c oxidase (Complex IV); (8) NO release and oxygen turnover facilitate increased production of RNS and ROS; (9) NO reversibly inhibits creatinkinase and (10) glycolytic enzymes; (11) Nitric oxide increases glucose uptake via cGMP dependent GLUT translocation; (11) NO affects protein synthesis via modulation of cellular signaling pathways and (12,13) increases in interplay with AMPK enhanced PGC-1α activity. NO enhances the activity of calmodulin kinases also contributing to mitochondrial biogenesis; (14) Ca2+ triggers activity-induced myofiber conversions (for details see text); (15) This mechanism is supported by nitric oxide-mediated cGMP generation; (16) NO increases the proliferative activity of quiescent satellite cells in skeletal muscle (17) also by increased expression of Myf5 (for details see text).
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During muscle development, nNOSμ expression parallels myotube fusion in culture but nNOS expression does not start until postnatal day 5 in human skeletal muscle. In mice, nNOS protein levels increase from week 2 to 52 [79]. In rat diaphragm, skeletal muscle showed higher activity of nNOS and eNOS in the fetal and early neonatal periods than in mature muscles, which shows declined NOS activity. Extensive nNOS expression was found at the sarcolemma in neonatal and mature diaphragms, whereas eNOS expression was limited to the endothelium [88].

iNOS is not expressed constitutively by muscle myocytes, but its expression can be induced as a response to inflammatory events [94].

eNOS shows only low levels of expression in skeletal muscle like rat EDL and soleus muscles [89]. eNOS content does not differ between type I and type II fibers and was shown to co-localize to succinate dehydrogenase—a mitochondrial marker [95,96]. In guinea pig gastrocnemius muscle, significant eNOS was detected only in the vascular endothelium where it probably contributes to the regulation of contractile response [87].

These data show interesting findings, as the NOS isoforms are tightly localized and regulated in skeletal muscle fibers. Importantly, it has to be noted that distinct differences exist regarding the precise localization of NOS isoforms in human and animal skeletal muscles [97].

Decreased NO bioavailability (due to superoxide anion mediated inactivation) or NO production is a key factor in the pathogenesis of various cardiovascular diseases, including diabetes, coronary heart disease (CHD), sepsis or atherosclerosis, and a mediator of regional circulatory disorders (ischemia/reperfusion). Xanthine oxidase, NADH/NADPH oxidase and eNOS were identified as a source of ROS/RNS generation with the latter generating ROS/RNS when the enzyme decouples in the absence of the substrate l-arginine or the NOS cofactor BH4[98]. Decoupling of the enzyme is also supported by peroxynitrite-mediated oxidation of BH4[99]. Decoupling of eNOS and the generation of oxidative/nitrosative stress with following endothelial dysfunction occurs via three mechanisms. On the one hand, the enzymatic production of NO is reduced so that the radicals, which normally react with NO, can attack cellular structures [100]. In addition, the electrons normally flowing from the reductase to the oxygenase domain are diverted to the molecular oxygen [101,102] leading to superoxide anion (O2−) generation [103]. A partial decoupling is also discussed in vivo. In this case, O2− and peroxynitrite are simultaneously produced, which further increases oxidative/nitrosative stress. The external administration of NO was shown to prevent heme oxidation, inhibit the Fenton oxidation of DNA and decrease lipid peroxidation. These studies led to the conclusion that NO effectively counteracts ROS [103].



7. Cytoskeletal Components as Scaffold of NO Signaling

By the finding that nNOS is localized at the sarcolemma [104] (Figure 2), also in human skeletal muscle [82], the hypothesis arose that nNOS might be involved in the signaling machineries located in the skeletal muscle membrane, where mechanical forces are translated into biochemical signals to achieve certain adaptations of skeletal muscles towards mechanical impacts.

Exercise induces a mechanical stimulus on skeletal muscle fibers, where this stimulus has to be converted into a biochemical signal in order to allow skeletal muscles to adapt to the stimulus. To achieve the specific signal converting, cytoskeletal proteins are located at or in close vicinity of the sarcolemma to mediate and initiate biochemical signals. A variety of proteins mediate the conversion of mechanical impact, whereas a central cytoskeletal protein assembly in this context is known as the dystrophin-glycoprotein complex (DGC) [105]. The DGC is a complex protein assembly that is critically involved in the maintenance and integrity of skeletal muscle fibers [106]. Mutations in the DGC cause skeletal muscle dystrophies, the most prominent one is known as Duchenne muscular dystrophy (DMD) [107]. Therefore, this cytoskeletal complex takes over crucial tasks in order to translate a mechanical impact into a biochemical signal in skeletal muscles. Interestingly, it was demonstrated that the nNOS isoform is directly associated with the DGC via the protein syntrophin α1 at the sarcolemma and, thus, seems to be an important member of the DGC [108]. The disruption of the DGC–nNOS interaction can, therefore, cause skeletal muscle dystrophy showing the important role of nNOS-mediated NO formation at the sarcolemma to control skeletal muscle cytoskeletal protein functions and consequently skeletal muscle integrity. Recent research has uncovered the molecular interactions responsible for nNOS localization at the sarcolemma. Lai et al.[109] demonstrated by in vivo transfections that the spectrin-like repeats 16 and 17 (R16/17) within the rod domain of dystrophin interact with nNOS and localize it to the sarcolemma. The authors further demonstrated that treatment of mdx mice, a classical model of DMD, with a synthetic dystrophin gene containing R16/17 significantly reduced DMD-specific skeletal muscle pathology as well as increased muscle strength and exercise performance. To overcome dystrophin-null mutations and the resulting skeletal muscle dystrophies, the same group [110] unraveled the precise localization of dystrophin–nNOS interaction by substituting R16/17 by its utrophin homolog R15/16. The authors found that the α1 helix of R17 binds nNOS to the sarcolemma in coordination with flanked α2 and α3 helices, suggesting that nNOS has to be localized at the muscle membrane to exert proper functions. In contrast to these data, however, it was suggested recently that nNOS can also attenuate skeletal muscle dystrophy symptoms when failed to localize at the sarcolemma [111]. The authors used a dystrophin/utrophin double knockout model in which they expressed a muscle-specific nNOS transgene. They found that the nNOS transgene reduced dystrophy-specific pathologies, e.g. increased fibrosis, in heart, diaphragm, and hind-limb muscles. Interestingly, nNOS was not localized to the sarcolemma, suggesting that the nNOS localization to the muscle membrane is not particularly necessary to mediate beneficial adaptations in dystrophic muscles. These data highlight that nNOS failure has a mandatory function in the development of skeletal muscle dystrophies and that promising gene therapies are on their way to be developed. However, precisely which underlying nNOS-regulating mechanisms there are is still a matter of intensive debate.

In addition to skeletal muscle dystrophies, also a pathology called myasthenia gravis (MG) displays a severe skeletal muscle phenotype, and patients suffering from MG show chronic fatigue symptoms of skeletal muscles, even after initiation of appropriate immunosuppressive pharmaceutics [112]. It was demonstrated in the very recent study using an animal model for MG [113] that nNOS and, therefore, NO, play critical roles in the progression of this severe skeletal muscle disorder. The authors demonstrated that during the onset and progression of MG, the nNOS enzyme, as well as its binding partner, synthrophin α1, were lost from the sarcolemma and instead accumulated in the sarcoplasm [113]. The authors concluded from their observations that the pathological translocation of nNOS from the sarcolemma to the sarcoplasm reflects an important mechanism in the development of MG, and thus, a variety of skeletal muscle diseases.

It was speculated in the context of treating skeletal muscle diseases that the application of exercise, preferably endurance exercise, might be a promising approach to treat patients suffering from skeletal muscle diseases. The reason for this hypothesis was that it could be demonstrated that the activity of the nNOS enzyme was significantly increased after endurance exercise in rodents [3]. However, this beneficial hypothesis has to be proven in clinical trials.

Interestingly, the eNOS enzyme is also located in skeletal muscles without any skeletal muscle fiber type prevalence, though it is not located directly at the sarcolemma, but rather, is more systematically expressed in the sarcoplasm and in close vicinity of mitochondria [95] (Figure 2).



8. Signaling Involved in NO-Induced Modulation of Skeletal Muscle Contractility

Skeletal muscle tissue exerts a tremendous plasticity and variability regarding its functional hallmarks, including force production and fatigue resistance, both characteristics that are very important for everyday life and competitive sports. These hallmarks are achieved by skeletal muscles’ ability to rearrange their substructures and cytoarchitecture to enable adaptations to severe stimuli, such as exercise [114].

To produce the forces required for daily demands and competitive sports, the skeletal muscles initially require formations of cross-bridge formations between the sarcomeric proteins actin and myosin. This process critically involves calcium ions (Ca2+) that are released from skeletal muscle Ca2+ reservoirs, known as sarcoplasmic reticuli (SR). Subsequently, skeletal muscle contractions are primarily initiated by depolarization of the sarcolemma, a process that results in the shortening of the sarcomeres by formations of actin/myosin cross-bridges. This Ca2+-dependent process, known as excitation–contraction (EC) coupling, links sarcolemma depolarization to skeletal muscle contractions—a process that is dependent on NO-induced S-nitrosylations as outlined in the following.

Due to the localization of nNOS to the membrane-bound cytoskeleton–dystrophin complex component [115] α1-syntrophin, it can be speculated that this spatial vicinity to mechano-sensitive proteins mediates the ability to sense the transmission of forces via mechanotransduction and thus a higher mechanical load due to increased recruitment of myofibers under conditions of exercise [116]. Electromechanical coupling as the essential mechanism to induce contraction of myofibers is initiated by the rapid release of Ca2+ from SR. Frequent contractions lead to elevated calcium levels, thereby inducing enhanced activation of calmodulin kinase. The activity of both nNOS and eNOS is fundamentally regulated by binding to calmodulin thus enhancing NOS activity in response to exercise [117]. Hence, this mechanism constitutes a direct coupling mechanism between increased skeletal muscle loads, increased activity of NOS, and thus the release of nitric oxide. However, the contractility of skeletal muscle is itself also regulated by NO at some nodal points, possibly via redox sensitivity of target proteins.

Ca2+ regulation in skeletal fibers is critically regulated by a family of transmembrane Ca2+ release channels that are located in the membrane of the SR. These channels are ryanodine receptors (RyRs). RyRs anchor a high amount of Ca2+ ions at their intra-SR domain via their C-terminally located motif calsequestrin [118] and, thus, have important implicative roles in skeletal muscle contractions. RyRs have been shown to be modified posttranslationally by a variety of motifs, including phosphorylation or oxidations [119–121], leading to impaired functions of RyRs and consequently to reduced exercise capacity of skeletal muscles. Therefore, it seems obvious that ryanodine receptors are also prone to be posttranslationally modified by additional motifs, such as S-nitrosylations (Figure 2). Investigations over the last few years have discovered highly interesting findings that might be far-reaching regarding the understanding of skeletal muscle regulation and fatigue, and consequently skeletal muscle adaptations towards physical exercise.

In skeletal muscles, Ca2+ homeostasis is mainly regulated by a large protein complex, known as ryanodine receptor-1 (RyR1) [121,122]. It was demonstrated recently that iNOS co-localizes with RyR1 in skeletal muscles, which is why it was speculated that NOS isoforms might indirectly trigger RyR1 functions by actively produced NO [123]. Of note in this context is the observation that RyR1 possesses a cysteine residue at position 3635 (Cys3635) that is highly susceptible to be S-nitrosylated by NOS-formed NO [124], which is why RyR1 is a direct target of NO leading to S-nitrosylations of RyR1 Cys3635 residues. This posttranslational modification of RyR1 causes a conformational change of RyR1 affecting the Ca2+ homeostasis in skeletal muscles (Figure 2). Consequently, skeletal muscles deteriorate force production as the active contraction mechanisms are disturbed. In this context, RyR1 S-nitrosylation strengthens aging-induced sarcopenia, as uncontrolled Ca2+ release by RyR1 from the sarcoplasmic reticulum (SR) causes activation of Ca2+-dependent proteases, the calpains. Therefore, NO-mediated S-nitrosylation of RyR1 exhibit both acute and chronic malfunctional events in skeletal muscles, loss of contraction force, increased skeletal muscle protein breakdown, and, consequently, reduced abilities of skeletal muscles to adapt to physical exercise stimuli.

Disturbances of controlled Ca2+ shuffling between RyR1 and the sarcoplasm induced by S-nitrosylation of RyR1 cause malfunctional adaptations of skeletal muscles towards physical exercises. Therefore, taken together, these data highlight the considerable relevance of NO in the physiological handling of Ca2+ homeostasis in skeletal muscles. However, two questions will be important for the future to gain a detailed understanding RyR1 regulation and, thus, Ca2+ handling in skeletal muscles after exercise. First, it remains still unaddressed and, thus, unclear whether the type of muscle contraction induces differences in RyR1 posttranslational modifications. Second, it has to be elucidated whether also acute exercise has an impact on RyR1 biochemistry and, consequently, on Ca2+ homeostasis. To address the first question, we recently used a rat exercise model subjected to concentric and eccentric running conditions. Thereby, we observed that both exercise/skeletal muscle contraction conditions result in increases of RyR1 phosphorylation [125]. We also provided evidence for the second question, as we demonstrated very recently in human skeletal muscle that RyR1 phosphorylation is early and transiently increased after strenuous exercise [121]. In the context of NO-controlled Ca2+ homeostasis in skeletal muscle, it will be important to study S-nitrosylations of RyR1 after acute concentric and eccentric muscle work in vivo to draw a comprehensive picture of the diverse exercise-dependent mechanisms regulating Ca2+ homeostasis in skeletal muscles.

It is further described that other molecular targets within skeletal muscle such as the sarcoplasmic reticulum calcium ATPase (SERCA) and myosin heavy chains exhibit reversible redox sensitivity and may participate in NO modulation of excitation–contraction coupling [117]. It is documented that NOS inhibition in skeletal muscle has attenuating effects of limb muscle contractility in dogs [126] and rat diaphragm [127]. These findings suggest that endogenous NO influences cross-bridge cycling under in vivo situations. In skeletal muscle bundle preparations or single fiber preparations, NO administration or NOS inhibition resulted in decreased contractility [128] and force-frequency relationship [129,130], at least under submaximal power output and in isolated muscle. It is important to note that, depending on the exercise regimen, experimental conditions and, importantly, the NO concentration that is applied, unequivocal results concerning attenuated or increased contractility can be observed. A recent study by Evangelista and coworkers [131] proved a direct effect of NO via S-nitrosylation on myosin heavy chain isoforms in rats and human cardiac myosin heavy chain in vitro and in vivo. Interestingly, the NO action in this investigation was attributed as a molecular gear shift for myosin, as the nitrosylation state affected speed or force of myosin motor filaments with alternating effects of each of these parameters under different nitrosylation states. However, the main source of NO in all the former cases is not clear and may derive from vasculature, innervating nerves or also the muscle itself. It may be further discussed to which extent contractility of skeletal muscle preparations is influenced by experimental NO concentrations and O2 availability that are distinct from physiological levels [117]. Hence, the physiological correlate between contractility and NO concentration may be overestimated and rather be influenced by increased calcium sensitivity when calcium concentrations rapidly increase up to millimolar concentrations [1], especially under repeated muscle contractions. To date, the relationship between skeletal muscle contractility and NO generation under physiological conditions, especially under aspects of exercise in humans, is not clear and has yet to be investigated.



9. Reactive Oxygen Species/Reactive Nitrogen Species and Antioxidative Enzymes in Skeletal Muscle

ROS include the superoxide anion (O2−), hydrogen peroxide (H2O2) and the hydroxyl radicals (OH·). RNS include peroxynitrite (ONOO−). ROS and RNS were also determined as RNOS (reactive nitrogen oxygen species) as they also react with each. They are continuously generated in the body by an incomplete reduction of molecular oxygen and enzymatically inactivated by superoxide dismutase (SOD), catalase and glutathione peroxidase (GPX) and non-enzymatically by antioxidants (e.g., vitamins E and C, glutathione) [5]. Overproduction of RNOS can result from a variety of stressors, such as exposure to environmental pollutants [132] or physical exercise [133]. RNOS generation thus depends on the mode (aerobic, anaerobic), intensity, and duration of exercise, as varying types of exercise differ in their respective energy requirements, levels of oxygen consumption, and mechanical stresses imposed on the tissues. It has already been stated that skeletal muscle fibers produce both RNOS, in particular superoxide, and NO with every contraction, which results in the formation of secondary RNOS [4–6]. RNOS formation during exercise has been attributed to the mitochondria, potentially damaging tissues [134]. But also other cell components like the NAD(P)H oxidase enzyme associated with the sarcoplasmic reticulum [135] and the transverse tubules [136,137] within skeletal muscle have been found to produce RNOS. Recent data in contrast suggest a Janus face for RNOS. While low concentrations of RNOS modulate cell signaling processes [138] and are required for normal force production [139,140], higher RNOS concentrations reduce force production both in time- and dose-dependent manners [141] contributing to muscle fatigue. Reid et al.[139] aimed to explain this with a model assuming that the muscle redox state is a physiologically regulated variable balanced with matching rates of RNOS production and cellular antioxidant buffering capacity. Antioxidant enzymes including SOD, GPX, and catalase have been found in skeletal muscle. SOD dismutates superoxide radicals to form hydrogen peroxide and oxygen. 15%–35% of total SOD activity has been found in the mitochondria [142,143] with the highest activity in oxidative muscles that contain a high percentage of type I and type IIa fibers [144]. SOD activity in skeletal muscle can be modified by activity patterns with 20%–112% increases in both SOD1 and SOD2 after endurance exercise training [144,145]. Glutathione peroxidase catalyzes the reduction of hydrogen peroxide or organic hydrogen peroxide to water and alcohol using reduced glutathione as the electron donor [146,147]. The amount of GPX in skeletal muscle fibers differs across fiber types. Highly oxidative fibers (type I) contain the highest GPX activity, whereas fibers with low oxidative capacity (type IIb) possess the lowest levels of GPX (rodents) [148]. GPX is inducible and increases in skeletal muscle fibers and have been shown in regular exercise with activity increases of about 20%–177% [149,150]. Catalase catalyzes the breakdown of hydrogen peroxide into water and oxygen. The catalase protein levels are highest in oxidative muscle fibers and lowest in fibers with low oxidative capacity [143,151]. It is controversially discussed whether catalase expression increases upon exercise stimulus [152] or decreases [143].



10. NO-Mediated Modulation of Metabolism

In order to maintain skeletal muscle contraction abilities after the onset of exercise, the coupling between ATP demand and supply induces increased creatine phosphate breakdown via creatine kinase, as well as uptake of glucose and oxygen, to supply glycolysis and oxidative metabolism via respiratory chain complexes. All of these mechanisms can be directly modulated via NO-dependent mechanisms [1,117]. At the level of the vasculature and already at the onset of exercise, NO offers a prominent mechanism in increasing blood flow to exercising skeletal muscle. Although the impact of NO on vasodilatory effects of blood vessels is well described [153], recent work revealed a direct influence of nitric oxide on oxygen uptake kinetics in exercising skeletal muscle [154]. These authors also concluded NO to be involved in long-term improvements of oxygen uptake kinetics in exercising muscle and thus a functional role on skeletal muscle blood flow adaptations not exclusively related to acute modifications of vascular tone. Interestingly, nutritional supply of dietary nitrate has recently been shown to increase bio availability of NO under conditions of exercise [155] and resulted in decreased blood pressure and, more importantly, also to decrease oxygen cost at given workloads. Thus, besides endogenous NO production by distinct NOS isoforms located in various compartments in skeletal muscle, it is important to note that also the ingestion of NO-generating supplements affect nitric oxide-related effects in skeletal muscle.

At the level of myofiber energy metabolism NO inhibits creatine phosphate breakdown by creatine kinase. In this context some investigations [156,157] found exogenous NO donors to downregulate creatine kinase activity in striated muscle. This influences directly the ATP synthesis via CRP breakdown and thus crucially limits skeletal muscle contractility. NO donors prevented creatine phosphate depletion during periods of increased myocardial work in isolated rat heart. This creatine phosphate sparing effect was accompanied by a significant decline in intramuscular ATP levels and hence a loss of contractile function. It may be hypothesized that this effect may also serve in vivo as a subtle limiting factor for overreaching muscular work of skeletal muscle, since under physiological conditions, muscle contractions are terminated much earlier and before declining ATP levels may reach critical levels.

Skeletal muscle glucose uptake is meditated by several mechanisms that lead to the upregulation of GLUT4 transporters on the cell surface. Besides insulin-dependent glucose uptake via PI3K [158], also Ca2+[159], contraction-dependent mechanisms [160,161], or contraction-induced and AMPK phosphorylation via exercise-induced energetic stress [162] offer alternative pathways to increase glucose uptake. In an excellent study by Etgen and coworkers, it was shown that nitric oxide offers an additional important mechanism to increase glucose uptake via a cGMP-dependent pathway; however, this mechanism was independent of PI3K and Ca2+[163]. Thus, exercise-induced NO generation is involved in the regulation of glucose uptake under conditions of increased substrate requirements of metabolism. However, in contrast to the function of increasing glycolytic substrate availability, NO is able to reduce glycolytic flux via inhibition of glyceraldehyde-3-phosphate dehydrogenase (GAPDH) by S-nitrosylation of cysteine 149 [164]. However, under physiological conditions, e.g., strenuous exercise and glycogen depletion, this effect may be overridden to favor exercise-induced demands via glycolytic ATP generation [117] (Figure 2).

Importantly, nitric oxide is also capable of modulating oxidative energy metabolism via fine-tuning adjustments of the efficiency of the respiratory chain complex IV. NO competes with molecular O2 towards binding to the active site of cytochrome c oxidase, thereby inhibiting its activity [165] (Figure 2). Depending on the concentration of NO, this mechanism is highly reversible; however, it takes place under physiological conditions very quickly after the onset of exercise. There is discussion that this inhibition of complex IV modulates mitochondrial respiration rather than inhibits it [166]. This is believed to occur insofar as cyotochrome c oxidase molecules that are inhibited by NO under physiological conditions may preserve redox state and increase sensitivity of remaining and unmodified cytochrome c oxidase proteins under conditions of declined O2 partial pressure and changed metabolic environment. This mechanism may thus act as a subtle and quickly responding modulator of oxidative metabolism to ensure integrity of metabolism under conditions of exercise and hypoxia.



11. NO Signaling in Skeletal Muscle Hypertrophy

Beside Ca2+ homeostasis, exercise-induced hypertrophy is an important hallmark of skeletal muscles to adapt to increased loading and to produce higher forces to sustain daily demands and competitive sports. Skeletal muscle hypertrophy is regulated by a variety of different signaling cascades, of which the insulin-like growth factor-1/mechano growth factor/protein kinase B/mammalian target of rapamycin (Igf-1/MGF/PKB/mTOR) axis is one of the most important and thus best-characterized pathways [167].

Among the variety of skeletal muscle hypertrophic signaling routes with the Igf-1/MGF/PKB/mTOR axis in the center, it became clear in recent years that signaling pathways mediated by nitric oxide synthases-generated NO have important roles in the regulation of skeletal muscle hypertrophy. It is known that an inhibition of NOS activities results in decreases of skeletal muscle hypertrophy and, thus, skeletal muscle loss during aging. However, the underlying mechanisms are still only incompletely understood. Using the specific NOS inhibitors N(G)-nitro-l-arginine methyl ester (l-NAME) and 1-(2-trifluoromethyl-pheny)-imidazol (TRIM), it was demonstrated in a chronic overload rat model that skeletal muscle hypertrophy is induced by TRIM treatment by inductions of Igf-1 and its splicing isoform mechano growth factor (MGF). Furthermore, the authors found an increased ratio of phosphorylated-to-total p70S6 kinase, which is a major downstream effector of mTOR in skeletal muscle hypertrophy signaling [168]. Therefore, it can be hypothesized that NO derived from NOS enzymes provides a negative feedback control of the Igf-1/MGF/PKB/mTOR signaling axis to keep unrestricted skeletal muscle hypertrophy under control (Figure 2).

Skeletal muscle training is an effective strategy to counteract age-related loss of muscle mass, known as sarcopenia. It was demonstrated that during sarcopenia the nNOS dislocates from skeletal muscle cytoskeletal elements (see below), which is directly associated with reduced muscle fiber size, strength, and function [169]. By pharmacologically substituting the NO donor isosorbide dinitrate to old mice, it was found that the quadriceps muscle mass was increased by 25% in combination with running exercise [169]. These data show that the stimulation of NOS isoforms combined with regular endurance exercise training owns a profound potential to counteract sarcopenia-related loss of skeletal muscle mass.

Most recently, a new pathway exploring the mechanisms of NO-induced skeletal muscle hypertrophy was described [170]. The pathway connects Ca2+ shuffling and skeletal muscle hypertrophic adaptations. Ito et al.[170] demonstrated that nNOS regulates load-induced skeletal muscle hypertrophy by activating the transient receptor potential cation channel member 1 (TRPV1). The authors precisely dissect the molecular interactions by using nNOS-null mice, in which the load-induced skeletal muscle hypertrophy was prevented. The authors describe that a mechanical load activates nNOS at the sarcolemma, which subsequently results in NO formation. NO reacts with superoxide anion to a more stable derivate, known as peroxynitrite (ONOO−) that in turn activates TRPV1. The release of Ca2+ triggers the activation of mTOR, which has demonstrably a positive effect on skeletal muscle hypertrophy.

Another important skeletal muscle-related field of research is aging-related mechanisms. During aging the skeletal muscle mass is progressively reduced, a phenomenon known as sarcopenia. It was suggested that the protein breakdown rate, especially of myofibril proteins, is highly increased during aging directly, leading to sarcopenia. However, the underlying mechanisms are far from being resolved. Recently, Samengo et al.[171] observed that calpains, a family of Ca2+-dependent proteases, are involved in these processes. Interestingly, the authors found that calpains are posttranslationally modified by NO resulting in S-nitrosylations thereby inhibiting calpain activity and myofibrillar protein breakdown. However, during aging, the nNOS expression is reduced in skeletal muscles directly judging decreased NO-mediated S-nitrosylation of calpains [171]. As a result, the myofibrillar protein breakdown is increased during aging. These data shed new light on an additional important regulatory pathway of protein turnover in skeletal muscles specifically mediated by skeletal muscle-derived NO.

Together, these recent data demonstrate that nitric oxide has a pivotal role in the regulation of exercise-induced skeletal muscle hypertrophic events, as well as during aging of skeletal muscle tissue. Although future studies are needed to carefully study the underlying mechanisms, the pharmacological stimulation of NOS enzymes to produce nitric oxide in skeletal muscles seems to be a promising strategy to counteract age-related loss of muscle mass or to increase muscle mass after injury in competitive athletes.



12. NO and NO-Dependent Signaling in Satellite Cells

Skeletal muscle adaptations, such as skeletal muscle hypertrophy, are importantly regulated and induced by the activation of a population of adult muscle stem cells, which are known as satellite cells. Satellite cells are resident myogenic stem cells that also play central roles in skeletal muscle regeneration processes, as induced by intensive exercise training, which is why these cells have been studied extensively in recent years to better understand the high plasticity of skeletal muscle tissue.

Hypertrophic phenotypes of skeletal muscles, also present during regeneration processes, are complex operations, because the skeletal muscle fibers have to guarantee an efficient support of the hypertophic or regenerating areas. Therefore, the maintenance area covered by one nucleus within the skeletal muscle fiber has to be optimal to guarantee an efficient support. The maintenance area covered by one nucleus is called myonuclear domain [172,173]. To achieve an optimal size of the myonuclear domains, skeletal muscles possess the ability to activate satellite cells to fuse with adult hypertrophic or regenerating skeletal muscle fibers [174,175]. Therefore, this process has important implications for skeletal muscle plasticity and adaptations. The interesting question thus arises whether NO and NO-dependent signaling pathways might also be involved in the activation and regulation of satellite cells.

In a recent in vitro study, it was observed that NO possesses a key role in the maintenance of skeletal muscle precursors. The authors showed that NO stimulated satellite cell proliferation by a pathway dependent on cGMP generation [33]. Furthermore, this signaling pathway contributed to the activation of satellite cell asymmetric self-renewal abilities, leading the authors to conclude that NO-dependent satellite cell activation contributes to the maintenance of a functional satellite cell pool in skeletal muscle tissue [33]. Nitric oxide further mechanistically affects satellite cell proliferation via NFAT-dependent mechanisms. It has been shown by Martins et al.[176] that NO directly modulates NFAT phosphorylation states and thereby its nuclear abundance. Interestingly, a satellite cell marker and regulator, known as Mfy5 [177], is also regulated by NFAT, thus indicating important roles of this protein also in skeletal muscle regenerative mechanisms [178]. Therefore, by combining these results, it seems to be obvious that nitric oxide also exerts positive effects on satellite cell regulation by stimulating and regulating the calcineurin/NFAT pathway, which is why NO represents a key signaling molecule in skeletal muscle regenerative medicine.

However, the precise underlying mechanisms of NO-mediated satellite cell regulation are still only incompletely understood and remain to be investigated carefully by future studies in order to clarify the role of NO and NO-related signaling pathways in satellite cell-dependent skeletal muscle plasticity in in vivo conditions.



13. NO-Induced Modulation of Exercise-Induced Skeletal Muscle Metabolic Demands and Myofiber Type Conversions

Nitric oxide offers functional roles in skeletal muscle adaptation. As has been described, NO interacts with components of the IGF1/MGF/AKT/mTOR axis and influences cellular signaling to skeletal muscle protein synthesis. A further important mechanism in which nitric oxide is involved affects the adaptation of oxidative metabolism via mitochondrial biogenesis [179]. The induction of mitochondrial biogenesis occurs e.g., in response to mild caloric restriction [180] but is fundamentally increased as a cellular response to endurance exercise [181]. Mitochondrial biogenesis requires a complex interplay of cellular stressors [182] that induce increased ROS production [9,183], 5′-AMP-activated protein kinase (AMPK) phosphorylation [184] and MAP kinase signaling [185] to increase the expression of mitochondrial transcription factors and importantly peroxisome proliferator-activated receptor-γ coactivator 1α (PGC-1α). PGC-1α is a crucial factor for mitochondrial biogenenesis and further offers important functions in energy metabolism [182,186]. Recent studies showed that NO together with AMPK affects the increased expression of PGC-1α in mice. This effect is mediated by increased phosphorylation of AMPK at the α1 subunit which increases endogenous NO production. In the light of the aforementioned aspects of NO on skeletal muscle contractility, this mechanism may thus serve as additional metabolically driven feedback for skeletal muscle NO generation by exercise-induced energetic stress, since AMPK activity is considerably increased in response to increased AMP levels upon exercise [187] (Figure 2). Despite AMPK-dependent signaling, it has been recently shown that calcium-induced increases in mitochondrial biogenesis via enhanced activation of calmodulin kinase can be attenuated via experimental inhibition of NOS isoforms in L6 myotubes [188]. However, under in vivo conditions, the picture deriving from NO-supported mitochondrial biogenesis is not completely understood. Wadley and colleagues showed recently that the involvement of endogenous nitric oxide in mitochondrial biogenesis is important for the modulation of basal but not exercise-induced biogenesis [189]. In general, the NO-dependent actions that support mitochondrial biogenesis are mediated by cGMP-dependent mechanisms [179,190].

For the exercising skeletal muscle, increased expression of PGC-1α has fundamental effects for long-term structural adaptation of skeletal muscle in the form of increased mitochondrial density and changing myofiber distribution. In the latter case it has been shown that the expression of PGC-1α contributes to increased expression of proteins that are involved in coding a slow myofiber phenotype [191]. Through this mechanism, NO can contribute to skeletal myofiber conversions that can be observed in response to continued endurance exercise [192]. The mechanism of myofiber conversion is substantially driven by changes in the expression pattern of slow genes as a direct result of continued neuromuscular activity of myofibers [193]. The resulting elevations in sarcoplasmic Ca2+ levels induce increases in calcineurin activity which triggers NFAT dephosphorylation and consequently the most important mechanism in activity-induced slow myofiber type conversion [194]. Recent work demonstrated that the experimental inhibition of NOS prevented the conversion of myofibers to a slow phenotype [176,195]. These events are further supported by Ca2+-induced activations of NOS proteins that in turn lead to cGMP production by which GSK-3β is inhibited and therefore NFAT abundance is strengthened in the nucleus [195]. This reveals in the long term the importance of NO for activity-dependent adaptations of skeletal muscle myofiber types on a structural level.

For the exercising skeletal muscle, both mitochondrial density and myofiber types are important determinants of exercise capacity. Coupled with increased mitochondrial biogenesis via NO-supported increase in PGC-1α expression is the concomitant upregulation of the mitochondrial ROS detoxification system [166] (Figure 2). This ensures the ability of skeletal muscle to deal with increased oxygen flux in skeletal muscle which is associated with increased generation of ROS molecules, especially under conditions of higher oxidative exercise capacities. Interestingly, differences in short and long-term NO application mediate either down- or upregulation of PGC-1α expression, which gives rise to divergent effects of skeletal muscle adaptation towards long-term preconditioned skeletal muscle [166].

Taken together, these data demonstrate that NO, primarily generated by nNOS in skeletal muscle tissue, takes over a variety of highly relevant tasks to maintain skeletal muscle integrity and proper signaling mechanisms during adaptational processes towards mechanical and metabolic stimulations. With the finding that especially endurance exercise training exerts beneficial outcomes in the activation of the nNOS enzyme, it will be interesting for future studies to focus on the precise underlying mechanisms that might determine skeletal muscle adaptations in pathological circumstances towards physical exercise.



14. Conclusions

Taken together, these data demonstrate that NO, primarily generated by NOS1 in skeletal muscle tissue, takes over a variety of highly relevant tasks to maintain skeletal muscle integrity and proper signaling mechanisms during adaptational processes towards mechanical and metabolic stimulations, such as exercise. Through the finding that especially endurance exercise training exerts beneficial outcomes in the activation of the NOS1 enzyme, it will be interesting for future studies to focus on the precise underlying mechanisms that might determine skeletal muscle adaptations in pathological circumstances towards physical exercise. Additionally, the role of NO produced by NOS2 and NOS3, as well as the non-enzymatic generating pathways for functional and structural adaptation to physical exercise, under physiological and pathophysiological conditions need to be better understood in order to gain a comprehensive picture of NO and NO-dependent signaling in skeletal muscles.
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