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Abstract

:

Microplastics have recently been stated as being remarkable contaminants of all environmental matrices. The lack of consistent and standardised methods and protocols used to evaluate and quantify microplastics present in riverine systems made a comparison among different studies a critical issue. Based on literature research and the practical expertise of the authors, this work presents a complete collection and analysis of procedures concerning the monitoring of microplastics in riverine environments, focusing on their sampling and analytical protocols to identify, quantify, and characterise them. Further details regarding the advantages and disadvantages of each analytical technique described, such as general recommendations and suggestions, are provided to give practical support for analytical procedures. In particular, microplastics studies consist firstly of their sampling from the aquatic compartment (aqueous and solid phase). Based on the goal of the research, specific devices can be used to collect particles from different matrices. It follows their quantification after extraction from the environmental matrix, adopting different protocols to isolate microplastics from a large amount of organic matter present in a riverine system. In the end, additional qualitative analyses (e.g., RAMAN and FTIR spectroscopy, GC-MS) are required to identify the chemical composition of particles for a better image regarding the abundance of polymer types, their origin, or other information related to manufacturing processes.
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1. Introduction


The term microplastics (MPs), coined in 2004 [1], has been used to describe small plastic particles. However, a comprehensive definition has been recently given by [2]: “MPs are every solid-synthetic particle or polymeric matrix, with regular or irregular shape and dimensions between 1 μm and 5 mm, of primary or secondary manufacture origin, water-insoluble”.



In contrast to vast scientific studies describing the contamination of the marine environment with plastic and microplastic waste [3,4], MPs’ presence in freshwaters has only recently received attention. Rivers and lakes were mainly investigated with an increasing amount of publications released in the last few years [5,6,7,8,9], although other freshwater bodies (e.g., canals, volcanic lakes, deltaic lakes) are still under initial examination.



Among freshwater environments, rivers are considered the primary vector of transport of MPs from terrestrial environments to marine ecosystems, suggesting an overlooked and potentially significant component of the global microplastic life cycle [10].



The small dimensions of MPs complicate their collection and quantification in environmental samples compared to meso- and macroplastics. The existing methods adopted for the collection, extraction, and quantification of MPs from riverine systems are often time-consuming, require a high labour force, and demand elaborate techniques and expensive analytical instruments.



A reasonable investigation of MP contamination in these environments strongly depends on the appropriate use of suited sampling and analytical strategies. Difficulties in the methodological aspect concerning MPs research are due to the lack of harmonised and standardised protocols to which to refer for a monitoring study of MPs in riverine systems.



Several studies and reviews have been published about methodologies concerning MPs quantification and characterisation in the marine [11,12,13], freshwater [14,15,16,17], and terrestrial ecosystems [18,19,20]. However, few of these works aimed to give specific practical guidelines and workflow protocols for precise monitoring of MPs in riverine environments.



In light of this, the present work aimed to provide technical recommendations and suggestions for monitoring MPs in the river sector, focusing on sampling approaches and methodologies for their extraction, quantification, and characterisation, furnishing an in-depth analysis of advantages and disadvantages of each technique. Collecting and summarising existing methods, comparing at the same time advantages and disadvantages of each technique, is a useful tool to start a harmonisation process to make the results of studies all over the world comparable and to quantify the problem on a global level.




2. Sampling Strategies in Riverine Environments


Sampling MPs in a riverine system is different from collecting particles in the marine environment. Several factors, including hydrological conditions of the water body (e.g., water density, wind, currents, waves and tides), temporal and geographical factors determined by the shape of the river, the morphology, and the meteorological situation will influence the pathway of microlitter in the catchment area. These natural elements should be considered when developing a sampling strategy and monitoring of MPs [21].



Moreover, the distribution, fate, abundance, and type of MPs in the aquatic compartment are also influenced, on the one hand, by their physicochemical properties (shape, size and density) and, on the other hand, by different variabilities of the riverine environment such as the river length, the catchment size, and population density. All these factors, singularly or together, contribute to affect the transport and behaviour of MPs in the water compartment [14,22,23].



It follows that the choice of the sampling methodology is an extremely complex and delicate phase that has a significant impact on the total uncertainty of the analysis results, the quality of which is closely related to that of the sampling.



As a result of the minimal size, weight, and relative density of the material investigated (MPs density usually range between 0.9 and 1.5 g·cm−3), MPs should float on the surface of the water and, secondly, in the basal area of the thermocline in case of marine waters. For this reason, sampling is, to date, preferably performed on the surface and, where possible, on the water column.



However, key processes like windage, hydrodynamic alterations, degradation, sedimentation, adsorption, aggregation, biofouling, resuspension, burial, ingestion, and excretion of MPs by biota play a crucial role in their transport and accumulation resulting in a complex and dynamic equilibrium that brings to a horizontal and vertical movement of particles, as well as sedimentation in deposition areas [24,25,26,27].



It follows that sampling should be differentiated between the collection of the aqueous phase (surface water, water column), the sediment, and the biota. This strategy is essential to achieve a full picture of the presence and distribution of MPs regarding the entire aquatic compartment and to consider their impact on the environment.




3. Collection of the Aqueous Phase


Applied sampling strategies differ depending on the targeted environmental compartment that needs to be monitored.



In riverine environments, a collection of MPs in water can be performed by a dynamic or stationary sampling method (Figure 1).



3.1. Dynamic Sampling


In dynamic sampling, trawls are towed by boats using a rope of 50–70 m, keeping the nets outside the wake or bow waves from the vessel to prevent disturbance of vertical dispersion of the particles. Where possible, it is appropriate to position the net laterally, by a suitable spinnaker pole installed on one side of the boat. In both cases, possible contamination from the ship, e.g., by paint particles can occur.



The speed of the boat must be constant and low to avoid friction during the sampling process. As the speed increases, friction rises, and the quantity of filtered water decreases.



In any case, towing speeds greater than 3–4 knots drastically reduce the filtration efficiency of the net, since they cause turbulence at the mouth of the net, as well as causing risks of damage the trawl itself, although this depends on the type of equipment and vessels [28,29,30,31]. For nets with mesh less than 20 μm, the recommended speed is 0.5 knots [32].



Tow runs must be made against water. Once the run is over, the transept must be resumed from the original starting position to collect a sample replicate.



To avoid obstruction problems, following clogging of nets, which can happen especially in the presence of eutrophic waters, it is recommended to check the filtration efficiency monitoring the clogging with two flowmeters, one inside and one outside the net [33].



To ensure more representative data, it would be preferable to have at least three spatial replicates for each sample, repeating the transects, always with the same length, starting at different points to covering the whole section of the river, from one bank to another. Moreover, the sampling should be repeated at various times to have temporal replicates because daily and seasonal alterations can influence the variation of MPs density [10,16].




3.2. Stationary Sampling


Smaller rivers with variable water regime, also streams and creeks, are often not entirely navigable throughout the year, so dynamic sampling through the use of boats is rather complicated if not impossible in some cases.



Therefore, in these conditions, the installation of floating nets fixed on the banks that filter water using the river current with their mouths skimming the surface can be employed as a strategy for stationary sampling. A weight is used to maintain a continuous and consistent submersion depth of the nets throughout the sampling duration, for monitoring and recording the portion of the submerged net. Sampling duration is dependent on the flow of the river and the rate of clogging of nets. The nets have to be collocated in the opposite direction of the river water flow. As well as mentioned above for the dynamic sampling, sample replicates are much suggested to reduce temporal and spatial variability.





4. Water Surface Sampling


Based on the relatively low concentrations of MPs in the environment, their sampling on the water surface generally requires water filtration or collection of large sample volumes employing mostly neuston, plankton, and manta nets (Figure 2) of different mesh sizes, considered as volume-reduced or nondiscrete sampling devices in which the volume of water is reduced until only the particles of interest for further processing in a laboratory remain [34].



MPs’ small sizes demand sampling devices that allow the collection of a large volume of water in order to reduce the spatial and temporal variations adequately [15]. Nets are the most used instruments; they may have a mesh of different size and are more suitable for sampling in quiet surface waters.



A metallic frame usually forms nets, from which is set a cone made by a filtering mesh connected to a final collector tube. Some nets are endowed with wings on each side to ensure stability and buoyancy in the water [35].



Freshwater studies have mainly been adopting methods from oceanic research that used, for decades, sampling strategies and devices dedicated to other fields of study (e.g., to collect plankton) [36,37]. These methods are based on the use of manta and neuston nets, usually with a mesh size of 300–500 µm [11,13,38], equal to the size limit of MPs suggested by National Oceanic and Atmospheric Administration of USA (NOAA) [39]. These nets do not sample particles smaller than 300 µm because the mesh cannot retain tiny particles, including microfibers, which make up a significant portion of all MPs present in the aquatic environment. The adoption of such sampling devices underestimates the real quantity of microfibres that, often ignored, are flushed through the pores of the filters of the nets, providing a rough estimation of their abundance [40].



Furthermore, MPs in environmental samples can currently be detected up to a size of 1 μm, but only a few studies identify particles smaller than 50 μm due to the methodological limitations [22].



Plankton nets may have smaller dimensions of the mesh size (∼100 μm), thus allowing the recovery of concentrations thirty times higher compared to manta ones. Nonetheless, plankton nets are usually towed at low speed because of small mesh size (∼100 μm), and this could lead to clogging. Besides the horizontal transport, these nets allow vertical or oblique sampling [23,41]. In a recent study [42], a new device has been developed, coupling different nets, one beside the other and one above the other to collect multi-point measurements in medium- and large-sized natural streams. Instead, MP traps are used for MPs sampling in small rivers, and periodically streams with shallow depths. MP traps are equipped with an aluminium frame, pickets for anchoring to the riverbed and a filtering nylon net. The traps can be placed in several points in order to cover the width of the water stream and to have a more representative sampling. Pump systems are used for water sampling through a filtering system, resulting in a more efficient selection and a more significant sampling of fibres compared to nets [43,44]. Autosamplers are among the newest, and most used, techniques that fractionate the dimension of the sample through a pumping system and filtering waterfalls [45]. All these instruments may carry risks such as high degree of contamination of the samples during their manipulation and relocation.



Alternatively, discrete sampling devices (Niskin bottles, rosettes, integrating water sampler (IWS), buckets, bottles, and steel samplers; KC Denmark A/S Research equipment, Silkeborg, Denmark) can be used to collect bulk samples [34]. In bulk sampling, a known and recorded volume of the sample is collected without reducing it. The main advantage of this method is that, theoretically, all the MPs present in the environmental matrix can be sampled without any size limitation, thus preventing any loss that can happen in volume-reduced sampling. Moreover, this type of sampling is rapid and can help to reduce any risk of contamination, given that the time of handling of the sample and the time of exposition of it to the surrounding environment are shortened. However, disadvantages consist of a limited amount of samples that can be collected, stored, and processed [34].



The choice of which instrument to use depends on the available equipment, but also on the aim of the study, the type of environment, and the matrix that has to be collected. The adopted sampling devices will have an impact on the quantity, and thus, on the representativeness of the sampled material [23]. Therefore, there is not a unique, valid instrument for MPs sampling in surface waters; each one shows, indeed, advantages and disadvantages for MPs sampling (Table 1).




5. Water Column Sampling


Since the majority of synthetic polymers have a lower density than the seawater, in the past it was considered that microplastic particles could foremost float at surface level and only a small fraction could accumulate in the water column [11,58]. Nevertheless, several factors like flow turbulence, current conditions, the adsorption of a biofilm that increases MPs density and speeds up the sedimentation process, the different composition, density, and shape of polymers, move and homogenise the MPs’ distribution throughout the water column in rivers, especially since freshwater density is lower than that of marine water [42,50,58]. Indeed, recent studies have pointed out a vertical distribution of MPs. High concentrations of them can also be found through the water column and at the sediment level in marine [44,68,69,70] and riverine environments [42,50,58,71], reinforcing that the common strategy of sampling only the surface layer of water is insufficient and can result in considerable bias, particularly in estuarine, harbour, and lake environments [50].



Sampling MPs in the water column is carried out using mostly plankton nets or bongo nets. These are usually equipped with a couple of circular aluminium frames linked to a central axis, to which a flowmeter and a pair of nylon plankton nets are fixed (Figure 2) [27].



Manta nets, due to the buoyancy of the instrument, cannot be used for sampling in the water column. The water column can be sampled both horizontally and vertically. In horizontal sampling, after placing a weight (about 10–20 kg) to the net, it can be slowly dropped to the maximum depth (avoiding contact with the bottom) and then immediately trawled obliquely at a speed of fewer than 2 knots in order to let the water pass through the net with a steady flow. In vertical sampling, on the other hand, the net is lifted towards the surface until a specific depth, thus sampling the entire water column. Bongo nets have the advantage of being able to sample at different depths and to locate MPs of different densities along the water column [35]. Some researchers [42,58,71] used different devices to measure MPs at various depths. Authors [71] have adopted a modified large Helley Smith sampler to collect mid-depth to bottom samples in the Los Angeles river, while others [58] have coupled a plankton net with a mesh size of 80 μm to a propeller-type current meter to collect microfibers at different depths in the Seine river. Also, [42] presented a newly developed homemade device applicable in medium and large streams to measure MPs distributed within different vertical profiles of the Austrian Danube river using different nets of different sizes, one above the other.




6. Expression of Results and Water Volume Calculation


Data comparison can be difficult due to the lack of standardised and harmonised protocols and approaches in used sampling methods, size ranges, and data reporting units employed for expressing results. Data reporting units will depend primarily on the adopted methodologies, on the goal, and on the research question. There is no consensus yet about whether MPs should be referred to as MPs mass per volume for filtered waters (g/m3) or as particle numbers per volume for filtered water (number of particles·m−3) and this topic is still subject to research and discussion [16,17].



In both sampling strategies (dynamic and stationary), the concentration of MPs can be expressed as the number of particles or weight of material per m3 of filtered water.



Recently, the Joint Programming Initiative Healthy and Productive Seas and Oceans (JPI Oceans) proposed reporting units to express the concentration of MPs referred to in water samples, encouraging at the same time researchers to report both the count and weight of MPs [72]:




	
no. MPs per area (no. particles/km−2 or no. particles/m−2);



	
no. MPs per volume (no. particles/m−3);



	
mass of MPs per area (g MPs/km−2 or g MPs/m−2);



	
mass of MPs per volume (g MPs/L−1 or g MPs/m−3);








It follows that that filtration volume, tow length, or area sampled need to be measured.



The filtered volume is usually calculated by recording with a mechanical or electronic flow meter attached at the net opening that measures the accurate volume of water passing through the net. The volume filtered is then calculated as follows:


  V =   a r e a   o f   t h e   m o u t h   o f   t h e   n e t × n . × p  



(1)




where: V: volume of filtered water; n.: number of revolutions of the impeller recorded by the flow meter; p: hydraulic pitch.



In the case of dynamic sampling, in the absence of a flow meter, the total volume of water filtered through the net can be computed by recording the distance covered during the tow by the boat. In this case, the filtered volume can be calculated as follows:


  V =   a r e a   o f   t h e   m o u t h   o f   t h e   n e t × d  



(2)




where: V: volume of filtered water; d: distance covered during the tow.



Alternatively, relating concentrations of MPs can also be referred to based on the sampled area by multiplying transect length (computed using GPS start and stop positions) by the width of the net opening.



Final results will be expressed as the number of particles or grams per Km2 or m−2.



However, GPS and flowmeter can give very different results, thus affecting the final value of MP concentration; therefore JPI Oceans highly suggested using both methods during net sampling to evaluate eventual differences between the two [72].



In stationary sampling, in the absence of a flow meter, the total volume of water filtered through the net can be computed by multiplying the surface of the submerged portion of the net, the sampling duration, and the average velocity of the river.



Moreover, the MPs’ transport value for the cross-section of the river can be determined as a product of MP concentration and flow velocity of the river as in [42]:


  q = C × v  



(3)




where: q = transport rate (g MPs/m2/s−1 or no.particles/m2/s−1); C = MPs concentration (g MPs/m3 or no.particles/m3); v = flow velocity (m/s−1).




7. Sediment Sampling


MPs’ occurrence in sediments was mentioned for the first time in 1977 [73]; however, the scientific literature regarding this type of pollution has seen an increase in the last two decades. In this period, the study areas expanded in terms of space covered and sediment type, from urban soil [74] to riverine alluvia [75] and beach sands [76] to deep-sea cores [77]. In the same manner, the methodology techniques used for microplastic evaluation have been diversified for each type of sediment sampling [17,78], to discriminate the plastic particles from the rest of the sample.



7.1. Collecting Sediments and Preservation


Coarse fractions usually represent fluvial sediments like sand and gravels; meanwhile, silts, muds, and clays are observed in some low current velocity areas (e.g., dams and deltas), as well in all different type of lakes. Anyhow, the sampling of any type of lithology from superficial freshwater sediments should not differ.



The accumulation of MPs on riverbanks depends on several factors regarding the land (deposition/erosion bank-area, abundance/lack of vegetation, finer/coarser sediments) and the hydrological conditions [17]. Therefore, all factors mentioned above should be observed, and the sampling must always be done in the same conditions for an accurate comparison among results, especially in fluvial environments collecting different sediment types and at least six samples per site [72].



Onshore sampling is best to be performed in the swash zone (Figure 3), where MPs tend to accumulate under waves action [79] or underwater, at different depths. Underwater sampling, for both fluvial and lacustrine environments, can be done at different depths, acknowledging the fact that a finer texture of the sediment usually accumulates a higher quantity of MPs that can be occasionally visually observed.



In the case of sampling the sediments from freshwater bodies, the sample collecting techniques are rarely detailed in the literature. Most of the authors usually collect sediments manually, establishing an area (e.g., from 0.04 m2 [80] to 0.09 m2 [81]) and a depth (e.g., 5 cm [80] to 32 cm [82]). Using a corer with a specific diameter (e.g., 50 mm diameter [83]), box corer [84], or a grab (e.g., Ekman or Van Veen, Figure 4) with a known area (e.g., 225 cm2 [85]) can be referred easily to an exact volume of material, rather than using manual sampling.



Nonetheless, weight and volume measurements of the collected samples are essential [82] in order to compare the identified microplastic concentrations among samples or to other studies. The typical weight of the samples ranges between 0.5 and 10 Kg [16].



Plastic polymers are not described as a degrading material over time in a controlled environment; hence, the preservation step might not be necessary to protect plastic particles from degradation processes. However, [86] reported that incorrect storage of samples could cause changes in the MPs’ size distribution due to partial destruction of smaller particles. Most of the authors suggested storing samples in darkness refrigerated (at 4 °C) or frozen (below −20 °C) until subsequent analysis if samples are not being processed immediately [72,78,86].



Nevertheless, preservation techniques are also employed to retard biological changes that inevitably continue after the sample is removed from the parent matrix [79,87]. In some cases, the identification and characterisation of the biological matter can be relevant to other aspects of the research [88,89] and the use of various fixing solutions (70–80% ethanol, 4–5% formalin) to preserve the biological material is generally reported [72,86,89,90].




7.2. Expression of Results for Sediment Samples


As mentioned above, sediment sampling is usually expressed in weight units. Therefore, after MP extraction and identification, the results are described as particles per Kg of sediment. For a better view of MP concentrations, some authors have used volume units as particles per L. Besides weight and volume, some authors have decided to associate the identified concentration of MPs with the estimated density of the sediment (g·cm−3) [91], considering the superficial sediment lithology a factor for microplastic accumulation.



As well as for water samples, JPI Oceans proposed reporting units also to express the concentration of MPs referred to sediment samples suggesting, whenever possible, to report results in all the following units [72]:




	
no. MPs per area (no. particles/km−2 or no. particles/m−2);



	
no. MPs per volume (no. particles/m−3);



	
no. MPs per mass (no. particles/kg−1 dry sediment);



	
mass of MPs per area (g MPs/km−2 or g MPs/m−2);



	
mass of MPs per volume (g MPs/L−1 or g MPs/cm−3),










8. Samples Processing


Analytical processes are required to achieve quantification data from collected samples and, further, qualitative description of the polymer assemblage. As part of the laboratory procedures, preparation of the samples is required for microplastic extraction.



8.1. Water Samples Preparation


At the end of the sampling step, the net used into the water body has to be washed from outside to direct retained material (MPs and organic particles) into the collector tube. The samples are then transferred in labelled glass jars and stored at 4 °C until analysis [72]. Firstly, wet sieving is carried out using two sieves, stacked up one on top of the other, the first with a mesh size of 5 mm and the second with a size < 300 µm, depending on the net used to sample, washing the glass container several times with deionised water in order to retrieve all the MPs. This operation allows discarding the fraction of the sample larger than 5 mm [39]. Afterwards, the fraction retained by the sieve with the smaller mesh size shall be dried in a stove, then weighed, and finally the mass of total solids (natural material plus MPs and other anthropic material) determined in order to understand, once MPs have been extracted, how their mass varies compared to the mass of organic material sampled. The maximum temperature used for drying is about 60 °C because plastic fibres are known for having a weak thermoresistance [39,92]. Moreover, the sample recipients should be covered inside dry-ovens to prevent the contamination or the loss of particles.




8.2. Sediment Samples Preparation


As microplastic dimensions range lower than 5 mm, a sieving step might be required in case of coarse sediments or organic matter (e.g., gravel, vegetation), obviously after a drying process. As before, the maximum temperature used for drying is 60 °C.



Rather few studies regarding isolating microplastic from sediments have described a specific technique that uses the electrostatic properties of plastics to reduce the volume of the bulk sample [93]. The electrostatic separator (Figure 5) comprises a conveyor with programmable vibration speed that allows sediment to be carried by an earth drum under an electrical field. Plastic particles are, consequently, electrically charged, as well as other fine sediments. Therefore, these fractions can be separated from most of the sediment based on their electrostatic properties [16]. Usually, several runs over the same sample conduct to better results.




8.3. Sample Digestion


The analysis of complex riverine samples is very challenging due to high loads of interfering organic, biological, and lithogenic matric particles (e.g., leaves, pieces of wood, flowers, pollen, sediment, minerals, etc.).



For a clearer sample, with as little material as possible, sample processing includes two steps that are essential: a. digestion of the organic matter and b. density separation.



Digestion of the organic matter is necessary to eliminate most of the floating material from the sample, leaving the MPs unharmed. One of the significant issues in MPs studies is how to isolate and extract MPs from complex matrices without destroying them.



The extraction of MPs needs to be performed based on the goal of the research and the type of samples in order to balance “cleanup” steps to time requirements looking for a good compromise. The removal of organic fraction needs to be performed thorough chemical or enzymatic digestion in order to extract MPs from the environmental matrix. Choosing the digestion protocol in terms of sample purification is a matter of concern, and it depends on the sample itself.



The reagents used to destroy labile organic fraction can be acidic, basic, oxidising, or enzymatic [16,94,95,96,97].



For acid digestion, hot nitric and hydrochloride acids were used, but this caused the degradation of some polymer types, especially polystyrene, polyamide, and polyethene [16,96,98,99]. On the one hand, the utilisation of nitric acid increased the destruction of organic matter between 93% and 98%. On the other hand, hydrochloric acid carried out incomplete digestion of the organic fraction. Indeed, in [96,100], the least effective treatment was hydrochloric acid, with 1 M HCl and 2 M HCl, resulting in a digestion efficacy between 82.6% and 72.1%.



Potassium hydroxide as a 10% solution used for 24 h at 60 °C, has a removal efficiency ranging from 99.6% to 99.8%, and it seems not to affect the integrity of all tested plastics (ca. 3 mm diameter) except for cellulose acetate (CA) [101].



The methods proposed by the NOAA suggest digestion of organic material with 30% hydrogen peroxide (H2O2) in the presence of 0.05 M Fe(II) solution (Fenton’s reaction). Hydrogen peroxide can increase the polymer transparency and make it thinner; differently, at different concentrations, the hydrogen peroxide is less effective on removing the organic substance [16]. Nevertheless, hydrogen peroxide is still the most popular oxidant agent used for sample chemical degradation.



The enzymatic degradation, to remove interfering proteinaceous material from the surface of MPs and degrade durable cellulose fibres, requires the incubation of MPs with a mixture of several digestive enzymes, such as lipase, amylase, proteinase, chitinase, cellulase, corolase, trypsin, papain, and collagenase [15,96,97,102,103]. The first attempt of enzymatic purification of the samples was conducted by [96], which used the proteolytic enzyme (proteinase-K), gaining a degradation beyond the 97% (in weight) of the materials present in seawater samples. Subsequently, in 2017, ref. [97] developed an optimised universal enzymatic purification protocol (UEPP) appropriate for plankton, biota, and sediment samples.



In contrast to the chemical digestion, the use of enzymes does not affect the polymer’s structure and has an excellent removal efficiency of the natural organic fraction, but it takes more time and higher costs [15,16,97], especially for samples that contain a considerable amount of organic matter to digest and thus require significant quantities of enzymes [104].



Alternatively, to process high complex matrices (i.e., river samples, soil samples, biota), a viable option is to digest samples adopting a sequential combination of both chemical and enzymatic protocols.



The overall recommendation is the use of a digestion protocol tested on real samples each time before application and before decision considering digestion efficiency, polymer resistance, the dangerousness of reagents, and costs (Table 2).



Spike recoveries and blanks can be used to capture the entire processing procedure and are specific to the workflow for different sample types [105,106].




8.4. Density Separation and Filtration


MPs’ density may vary according to the type of polymer and the manufacturing process ranging from 0.01 to 2.30 g cm–3 (Table 3) [109]. These values usually are lower than most of the minerals from the sediment, although organic matter and phyllosilicate minerals (e.g., clay minerals and micas) can be seen floating aside particles.



The density separation process is especially required for sediments to discriminate the microplastics from the rest of the sample.



A salinity-based density separation using a saturated solution of salt promotes the floatation of lower density microplastic particles on the supernatant of the solution and separation of higher density particles and inorganic material solids. In general, glass separating funnels are used for this process.



Differences among salts are due to different ability to separate and consequently extract MPs based on their density as well as on their costs and toxicity.



A list comprising commonly used reagents for density separation is presented in Table 4.



Sodium chloride (NaCl—density: 1.2 g cm−3) and sodium tungstate dihydrate (Na2WO4·2H2O—density: 1.4 g cm−3), among salts, are both cost-effective and nontoxic. However, they do not allow the density separation of heavier polymers such as polycarbonate (PC), polyurethane (PU), polyethene terephthalate (PET), polyvinyl chloride (PVC), or polytetrafluoroethylene (PTFE) [109]. Sodium iodide (NaI), even though is a high-density salt that allows the separation of most polymers, is quite expensive and it was used in low concentrations in support of a NaCl solution by [104]. The use of zinc chloride, despite being considered the most effective and least expensive method, is a highly dangerous and corrosive substance. Consequently, careful handling, disposal, and recycling of this reagent are required [109].



Moreover, riverine samples contain high loads of complex biological matrices that require a large volume of the oxidative or acid solution for digestion. Consequently, vast amounts of salts will also be necessary to obtain saturated heavy liquid solutions to suspend large sample volumes for density separation. Furthermore, it should be considered that salts like ZnCl2, NaI, and ZnBr2, even if allowing for the density separation of heavier polymers, are highly soluble in water, and therefore larger quantities are required respect to NaCl, Na2WO4·2H2O, or NaBr (Table 4).



As the last step after the sample clean-up process, there is the filtration of nitrocellulose, silicon, polycarbonate, anodisc, or glass fibre filters. The filtration process needs to match the requirements of the following step of analysis (chemical characterisation) and the initial purpose of the research and could set the minimum size of MPs in the study.



In Figure 6 and Figure 7, respectively, a workflow for MP analysis in water samples and the processing steps for sediments samples are represented.





9. Quantification and Identification


After extraction and isolation of particles, what follows is the accurate quantification of MPs by counting them in order to express results as particle number, providing at the same time the evaluation of their size, colour, and shape distribution. Not all particles are visible to the naked eye; therefore, the use of a stereomicroscope is necessary for a preliminary visual sorting. This process requires considerable time and resources in terms of researchers involved in counting hundreds of particles per sample and a high risk of data overestimation for false positives [10,11,67,116,117]. To this purpose, recently, researchers tried to develop automatic image analysis approaches [118,119,120,121] for time-efficient, accurate and harmonised data analysis.



Free image analysis software (e.g., MPhunter/siMPle) [122,123] and computer vision-based systems (e.g., SMACC) [118,120] can be used, respectively, on the one hand for the systematic chemical identification of MPs, and on the other hand, for the automatic counting and classification of MPs in the environment, reducing the data calculation time and the human bias during manual data analysis.



Due to a large variety of polymers (more than 5000) [124], characterisation of their chemical composition is of primary importance to ensure the accuracy of collected pollution data and to determine their source and impact in the environment [10,125].



No technique can chemically identify MPs, but a broad range of complementary analytical methodologies have been applied regarding the detection and identification of MPs.



Depending on the goal and research question, mass-based or particle-based methods can be used. The first includes thermoanalytical techniques (pyrolysis–gas chromatography–mass spectrometry, Py–GC–MS, and thermal extraction desorption–gas chromatography–mass spectrometry, TED–GC–MS), the second includes spectroscopic ones (Raman and FTIR) [126].



The spectroscopic methods (FTIR and Raman) are the most common in the chemical identification of MPs. These techniques are nondestructive, and therefore, after sample acquisition it is possible, for example, to further process the bigger particles with other techniques (e.g., Py–GC–MS) to obtain additional and complementary information on the composition of plastic polymers [124]. Moreover, a minimal amount of sample is required, given that these methodologies are able to identify different types of polymers at a resolution from about 10 μm (FTIR) to 0.5 μm (Raman) by comparing the IR spectrum of an unknown plastic sample with spectra of known polymers provided by matching them to spectral libraries through database comparison algorithms [10,127]. FTIR and Raman spectroscopy identifies MP particles via their vibrational spectrum, which is unique for every polymer type. Coupling the spectrometer (FTIR or Raman) to a microscope, small particles are measurable (100 μm–1 μm) through the “micro”-spectroscopy (μ-FTIR and μ-Raman) [10].



The various types of instruments available on the market differ mainly by the type of microscope coupled to the spectrometer and the type of particles acquisition, being manual or automated.



A manual sample placement means there is a single-point acquisition of particles that have to be picked and positioned singularly.



More expensive instruments have the possibility of running in fully automated modes to measure multiple particles in a sample, and also to map or generate spatial chemical images of whole membrane filters through the motorised movement of the sample table of the microscope.



The main disadvantages of these methods are an extended processing time to map an entire filter, the measurement of irregularly shaped microplastic particles present in environmental samples resulting in refractive errors, the lack of information about associated organic additives to MPs, and the overlap of polymer bands given by organic and inorganic contaminations that can disturb identification of particles [10,13,128].



Thermoanalytical methods (Py–GC–MS and TED–GC–MS), less conventional than spectroscopic alternatives, are destructive techniques that produce, by pyrolysis, decomposition products characteristic of each polymer, trapped on a solid-phase adsorbent and thermally desorbed in a subsequent step (in the case of TED). The volatile marker compounds are then separated by gas chromatography and identified by mass spectrometry [129,130].



One of the main advantages of these techniques is the possibility of characterising the polymer itself and other compounds present in samples, such as additives or unique compounds that may be used for source profiling and toxicity calculations during the same analysis [131,132]. Contrarily to Raman or FTIR (in reflection and ATR mode), which only investigate the surface of a particle, Py–GC–MS allows the analysis of the whole particle [124,133].



Moreover, a concentration can be provided in μg/L necessary for MPs’ mass determination.



Among the disadvantages of Py–GC–MS, there is the inability to use the particles after analysis for further investigations, the long acquisition times compared to spectroscopy and limits in the selection of the particle size class (~50/100 μm) [10,134].



In the following Table, a resume of the advantages and disadvantages of each technique is presented (Table 5).




10. Quality Assurance and Quality Control of Analysis (QA/QC)


Contamination of samples is a risk to be seriously considered in all steps of MPs studies, and the quality of MPs research has been recently investigated [146,147,148,149,150]. Extensive precautions and a quality assurance perspective to mitigate contamination and validate the data are essential [116,135]. However, the use of blanks and blank correction is still not common in MPs studies; ref. [148] reported that 32 out of 50 studies did not run full procedural blanks. The lack of use of strict quality assurance criteria can often translate into misleading results [116,150].



Firstly, all the techniques performed in sampling and analysis should be done using non-plastic objects, as much as possible, considering the high degree of contamination rate. Therefore, metal as inox steel, aluminium, and glass recipients are considered a viable option for sediment sampling. In the same manner, metal utensils are recommended to use both in the fieldwork and during laboratory processes. To quantify any losses of MPs that may occur during sampling and processing of samples, positive controls are highly recommended. Experiments to verify a sufficiently high recovery of particles in all procedural steps of sampling and analyses, using targeted MPs of different size classes and polymer types should be performed [20,150,151].



Secondly, to identify and correct for potential contamination occurred during the preparation process and ensure thus accuracy of data, the use of daily replicated blank samples in all stages of the analysis is required, e.g., procedural blanks [96,150].



Adding the same reagents and amounts in the blank sample as in every ordinary sample can serve to provide knowledge about the contamination degree inside the laboratory and due to the reagents used.



Highly recommended precautions include rinsing work surfaces and glassware with Milli-Q and inspecting all apparatus before the analysis; processing the samples in a laminar flow cabinet; covering all materials used during the study with aluminium foils, washing them thoroughly between trials; washing the filters copiously before use; and analysing blank samples of Milli-Q concurrently with samples.



Particular attention should be made to microfibers contamination. Microfibres are ubiquitous (indoor and outdoor environments and environmental matrices) due to the presence of textile fibres in the environment that are most likely made from synthetic polymers, such as acrylic, rayon, polyester, and nylon, which have a high probability of ending up in collected samples, therefore making them potential sources of contamination [152,153].



To avoid fibre contamination, [153] developed strict quality control measures adapted from the field of forensic fibre examination that provided a reducing in fibres abundance of 90%. These control criteria require monitoring of the environment with control samples (air, water, and laboratory), minimising the contamination during processing of samples (e.g., wear natural fibre clothes and covering body and hair, limiting access to laboratory, cleaning deeply all surfaces, covering all vents with natural fibre cloths, ensuring that the processing laboratory does not open directly on to a corridor), and decreasing the contamination during sample collection (e.g., using items and preservation containers that are not plastic, using clean equipment, limiting air exposure of samples).



In order to reduce and avoid the airborne contamination, work in a microplastic-free laboratory as a cleanroom (ISO 7), with a particle filter air purger and compatible materials (e.g., glass, inox steel, etc.), and employ plastic-free equipment and clothes, which can prevent such potential forms of contamination. Indeed, in this regard, [154] assessed aerial microfibres contamination of MPs samples during processing, demonstrating that standard QA/QC criteria like wearing only natural fibre clothes and using previously cleaned equipment and glassware are insufficient to ensure data quality. Authors highlighted that only suitable clean-air devices with particle filtration provide an effective method to reduce of 96.5% aerial microfibre contamination.



Other researchers [155] proposed using a further strategy based on hermetic enclosure devices (stereoscopic cover and glovebox) to reduce background contamination of microfibres during the analysis of biota samples.




11. Conclusions and Future Perspectives


The issue of pollution of ecosystems by plastic wastes has become a concern for the last fifty years. However, the, now evident, spread of macroplastic items into the environment represents only the tip of the iceberg of a growing and worrying environmental threat, invisible to the naked eye, which we now commonly call microplastics. Research in the field of microplastics has been growing a lot in recent years; nevertheless, the small dimensions of items in question involve several complexities regarding the sampling strategies adopted, the analytical methods for their quantification, and implications about their risks in the environment and for human health, which are not yet thoroughly understood.



Future studies in riverine environments should consider that conditions in rivers are often unfavourable due to high flow velocities, the turbulence of water, and an intense transport of suspended particulate and organic matter that imply a greater homogenisation of MPs in the water column, higher variability, and other complexities respect to marine ecosystems. Therefore, a sampling strategy providing a cross-section of the river, a multi-point collection of samples to consider the spatial and temporal distribution, and repetitiveness in the number of samples is highly recommended.



Improved techniques about the purification, quantification, and characterisation of MPs, for example, the use of more environmentally friendly and efficient reagents for sample digestion, are also significantly required. Considering the unavoidable increasing degradation of MPs in nanoplastic sizes, a consistently lower detection limit of available instruments of detection is also requested.



Finally, research and studies should also make a point to standardise and speed up the whole process of analysis of samples, focusing on the development of automatised systems using, for example, computer vision and machine learning approaches in order to avoid bias and harmonise data.
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Figure 1. On the right, an example of a stationary sampling of microplastics with three plankton nets fixed in the middle of the river. On the left, a dynamic sampling using a manta net towed by a boat. 
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Figure 2. Examples of nets used for microplastics (MPs) sampling. 
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Figure 3. Riverbank sampling in the swash zone on the Danube River. 
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Figure 4. Sediment sampling instruments: (a) box corer; (b) multicorer; (c) Van Veen grab. 
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Figure 5. “Hamos” electroseparator and the resulting separation into 3 fractions: i. sediment, ii. mixture between sediment and MPs, and iii. fine sediment and MPs. 
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Figure 6. Workflow of MP analysis in water samples. 
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Figure 7. Digestion (left and centre image) and density separation (right image) processes performed on sediment samples (fluvial sand). 






Figure 7. Digestion (left and centre image) and density separation (right image) processes performed on sediment samples (fluvial sand).



[image: Sustainability 12 06755 g007]







[image: Table] 





Table 1. Sampling devices used for the collection of MPs in surface waters.
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Sampling Device

	
Advantages

	
Disadvantages

	
Costs

$

	
Time

(Minutes)

	
References






	
Nondiscrete sampling devices

	
Manta net

	
Sampling of large volumes of water;

The lateral wings allow the floating of the device and the sampling of the water surface.

	
Expensive equipment;

Requires boat;

The lower limit of detection is 333 μm;

Clogging problems;

Risk of sample contamination;

Underestimation of the total buoyant

microplastic amounts.

	
~3500

	
15–240

	
[34,41,42,46,47,48,49,50,51]




	
Neuston net

	
Sampling of large volumes of water;

Widely used (useful for compare positions).

	
Expensive equipment;

Requires a boat;

The lower limit of detection is 333 μm;

Clogging problems;

Risk of sample contamination;

Underestimation of the total buoyant

microplastic amounts.

	
~2300

	
30

	
[34,52,53,54,55]




	
Plankton net

	
The lower limit of detection is 100 μm;

Sampling of medium volumes of water;

Possibility to sample the water column.

	
Expensive equipment;

Requires a boat;

Clogging problems;

Sampling of lower volumes of water compared to Manta trawl;

Risk of sample contamination;

Underestimation of the total buoyant

microplastic amounts.

	
~2400

	
30

	
[26,34,56,57,58]




	
MP traps

	
Possibility to sample in several points of the water stream;

Possibility to choose mesh dimensions from 100 µm to 333 µm.

	
Expensive equipment;

May involve difficulty in anchoring to the riverbed;

In the presence of a low flow rate, samples the first 15 cm of water;

Risk of contamination.

	
~1200

	
30

	
[35]




	
Autosampler

	
Well-known and precise volume of filtered water;

Minimises the risk of contamination;

Allows a dimensional separation of the particles directly in the field.

	
Costly equipment;

Difficult and heavy to transport and deploy;

May be very fragile;

Requires electric energy;

Requires a large amount of instrumentation.

	
10,000–70,000

	
-

	
[45,59]




	
Pumping systems

	
Allows the user to sample smaller MPs and fibre loss is limited;

Well-known and precise volume of filtered water;

Allows standardisation of sampling.

	
Sampling of a small volume of water;

Requires energy to work;

Requires boat;

It can be challenging to transport and apply.

Allows the sampling of a single point;

Requires the transport of bulky samples to the lab;

Sampling is less representative;

-Risk of sample contamination.

	
300–1000

	
15–180

	
[30,34,43,44,51,60]




	
Discrete sampling devices

	
Niskin bottles/Jars/Bottles/Buckets/Rosette/Integrated water sampler (IWS)/Ruttner bottles/Friedinger bottles/Bernatowicz bottles

	
Relatively quick and straightforward to use;

Rosette provides multi-point measurements;

Allows sampling at different depths;

Allows the user to sample smaller MPs and fibre loss is limited;

Well-known and precise volume of filtered water;

Allows standardisation of sampling.

	
Requires boat;

Rosette can be challenging to transport;

Sampling of a small volume of water;

May be very fragile;

Requires the transport of bulky samples to the lab;

Sampling is less representative;

Risk of sample contamination.

	
Very variable

(300–50,000)

	
15–30

	
[34,35,58,61,62,63,64,65,66]




	
Devices for surface microlayer

	
Stainless-steel sieves/Rotating Drum Sampler

	
Does not require specialised equipment;

Quick and straightforward to use;

Well-known and precise volume of filtered water;

Allows choice of mesh size;

Allows a dimensional separation of the particles directly in the field.

	
Sampling of medium/low volumes of water;

Requires the transport of significant volume of water to the lab;

Manual transfer of water with buckets;

Potential contamination by the apparatus.

	
From 50

	
Depending on mesh size

	
[34,60,67]
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Table 2. Comparison of different reagents used for digestion of organic fraction necessary for MPs extraction from complex environmental matrices.






Table 2. Comparison of different reagents used for digestion of organic fraction necessary for MPs extraction from complex environmental matrices.





	Reagents
	Method
	Costs
	Hazard
	Pros
	Cons
	References





	HNO3
	20 mL of HNO3 (22.5 M), 2 h heating (∼100 °C), hot filtration (∼80 °C)
	$38.00

for 1 L
	Oxidiser, corrosive
	Efficient in organic digestion
	Possible degradation of PS, PA, and PE,

makes the plastic yellow
	[16,95,98,99]



	HCl
	4 mL of HCl at 20%
	$36.00

for 1 L
	Corrosive, acute toxicity
	Efficient in organic digestion (82.6%) of complex matrices (clams)
	Degradation of polymers
	[96,100,104]



	NaOH
	20 mL of NaOH (10 M) at 60 °C for 24 h
	$62.63

for 1 kg
	Corrosive
	Digestion efficiency up to 90%, stimulated by the rise of molarity and temperature
	Degradation of PET and PVC
	[16,96,104,107]



	KOH
	20 mL of KOH (1 M) at 18–21 °C for two days
	$85.72

for 1 kg
	Corrosive, irritant
	Good organic digestion efficiency
	Requires lots of time, degradation of some polymers as cellulose acetate and some biodegradable plastics
	[16,96,99,101]



	H2O2
	20 mL H2O2 at 30% plus 20 mL of FeSO4 * 7H2O (0.05 M) at 70 °C in stirring
	$27.67

for 1 L
	Corrosive, harmful
	Efficient in organic digestion
	At high concentrations could degrade the polymers
	[10,16,104,108]



	Cellulase, lipase, chitinase, protease, proteinase-K
	5 mL of Protease A-01 + 25 mL of Tris-HCl buffer, 1 mL of Lipase FE-01 + 25 mL of Tris-HCl buffer; 5 mL of Amylase TXL + 25 mL of NaOAc buffer, 1 mL of Cellulase TXL + 25 mL of NaOAc buffer; 1 mL of Chitinase + 25 mL of NaOAc buffer
	Protease A-01 1 kg $48.34;

Lipase FE-01 1 kg $48.34;

Amylase TXL 1 Kg $36.50;

Cellulase TXL 1 kg $43.95
	No danger
	Good inorganic and biological material digestion; does not affect the polymers
	Expensive, requires lots of time
	[15,16,96,97]
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Table 3. The most common types of polymers and their density.
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Abbreviation

	
Polymer

	
Density (g/cm−3)






	
PS

	
Polystyrene

	
0.01–1.06




	
PP

	
Polypropylene

	
0.85–0.92




	
LDPE

	
Low-density polyethylene

	
0.89–0.93




	
HPDE

	
High-density polyethylene

	
0.94–0.98




	
Freshwater

	
1.00




	
Seawater

	
1.025




	
PA, PA 6,6

	
Polyamide, Nylon 6,6

	
1.12–1.15




	
PC

	
Polycarbonate

	
1.20–1.22




	
PU

	
Polyurethane

	
1.20–1.26




	
PET

	
Polyethene terephthalate

	
1.38–1.41




	
PVC

	
Polyvinyl chloride

	
1.38–1.41




	
PTFE

	
Polytetrafluoroethylene

	
2.10–2.30
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Table 4. Chemical reagents used for density separation, with their relative density, water solubility, toxicity, and costs.
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	Chemical Formula
	Reagent Name
	Water Solubility

(g/L)
	Density

(g/cm−3)
	Toxicity
	Costs
	References





	NaCl
	Sodium chloride
	358

at 20 °C
	1.0–1.2
	Low
	$34.64

for 1 kg
	[104,109,110,111,112,113]



	Na2WO4 · 2H2O
	Sodium tungstate dihydrate
	742

at 25 °C
	1.40
	Low
	$224.92

for 500 g
	[109,112]



	NaBr
	Sodium bromide
	905

at 20 °C
	1.37–1.40
	Low
	$118.51

for 1 kg
	[23,77,109]



	3Na2WO4·9WO3·H2O
	Sodium polytungstate
	3100

at 20 °C
	1.40
	Low
	$235.27

for 100 g
	[109,113]



	ZnCl2
	Zinc chloride
	4320

at 20 °C
	1.6–1.8
	High
	$143.34

for 1 kg
	[16,104,108,109,114]



	ZnBr2
	Zinc bromide
	4470 at 20 °C
	1.71
	High
	$166

for 500 g
	[23,77,109]



	NaI
	Sodium iodide
	1793

at 20 °C
	1.80
	High
	$159.46

for 500 g
	[16,109,114,115]
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Table 5. Methodologies used for the characterisation of MPs: advantages and disadvantages for each technique are described.
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	Methodology
	Advantages
	Disadvantages
	Lower Size Limit
	References





	Fourier transform infrared coupled to microscopy (μ-FTIR)
	Easy to use

Many particles can be analysed simultaneously

Automatisation available

Short time of analysis for single particles

Evaluation of size and shape

Detecting the intensity of oxidation

Report particles with shape and size information

Transmission and reflection mode

Nondestructive

Less expensive than Raman and thermoanalytical techniques
	Difficulty in characterising black particles

Long time of analysis to measure multiple particles

Measures huge areas without particles

Detectors have to be cooled with liquid nitrogen

The analysis requires expert personnel

Huge data sets (several GB per filter)

No total mass determination

Expensive
	~10–20 μm
	[10,123,126,127,134,135,136,137]



	Raman spectroscopy
	Evaluation of size and shape

Many particles can be analysed simultaneously

Automatisation available

Detecting the intensity of oxidation

Staining possible

Thermoelectrically cooled (TEC) detectors obviate the necessity for liquid nitrogen cooling

Report particles with shape and size information

Nondestructive

Filter contributions can be subtracted out

It is possible to detect additives, pigments, and plasticisers
	More time-consuming measurements with respect to FTIR-spectroscopy

The analysis requires expert personnel

Interference of biological and inorganic contaminants

No total mass determination

Expensive
	~1 μm
	[99,122,126,127,134,138]



	Pyrolysis–Gas Chromatography–Mass spectrometry (Py–GC–MS)
	More holistic approach to characterise, in a single analysis, additives and plasticiser, in addition to polymer category

Powerful for mass determination
	No particle number information

No evaluation of size and shape

Particles can be analysed singularly

About 40 min of analysis for each particle determination

The analysis requires expert personnel

Destructive

Expensive
	~50/100 μm
	[35,122,130,131,139,140,141,142,143]



	Thermal Extraction Desorption–Gas Chromatography–Mass Spectrometry (TED–GC–MS
	More holistic approach to characterise, in a single analysis, additives and plasticiser, in addition to polymer category

Powerful for mass determination
	No particle number information

No evaluation of size and shape

Particles can be analysed singularly

About 40 min of analysis for each particle determination

The analysis requires expert personnel

Destructive

Expensive
	~50/100 μm
	[123,139,142,144,145]
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