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Abstract: A simple two-stage extraction and recovery method for macromolecules from microalgae
biomass, termed CASS (concentrating the microalgae solution, acid pretreatment, high-shear-assisted
lipid extraction, and separation), was developed. This method effectively processed the wet biomass
of Chlorella sp. ABC-001 at a moderately low biomass concentration (50 g/L). The optimal conditions
were acid pretreatment with 5 wt.% H2SO4 at 100 ◦C for 1 h, followed by high-shear extraction using
hexane at 3000 rpm for 30 min. The acid pretreatment hydrolyzed carbohydrates and phospholipids,
disrupting the cell wall and membrane, while high-shear mixing enhanced mass transfer rates
between solvents and lipids, overcoming the hydraulic barrier at the cell surface. Within 10 min after
completing the process, the extraction mixture achieved natural phase separation into water, solvent,
and biomass residue layers, each enriched with carbohydrates, lipids, and proteins, respectively.
The CASS process demonstrated high esterifiable lipid yields (91%), along with substantial recovery
of glucose (90%) and proteins (100%). The stable phase separation prevented emulsion formation,
simplifying downstream processing. This study presents the results on cell disruption, optimal acid
treatment concentration, and high-shear mixing to achieve macromolecule separation, expanding the
lipid-centric microalgal process to a comprehensive biorefinery concept.

Keywords: microalgae; biorefinery; macromolecule; acid pretreatment; high-shear mixer

1. Introduction

Recent trends in Renewable Fuel Standards (RFS) indicate a growing emphasis on
increasing the use of renewable fuels in the transportation sector [1]. The RFS determines
a minimum volume of renewable fuel to be blended into U.S. transportation fuel each
year, with specific classifications for different types of biofuels like conventional biofuel,
advanced biofuel, cellulosic biofuel, and biomass-based diesel [2]. In addition, ASTM D7566
recently approved blends of up to 10% converted triglyceride oil derived from microalgae
for Sustainable Aviation Fuel (SAF) [3]. Microalgae have been studied as a third-generation
biofuel feedstock, offering advantages such as higher growth rates, biomass yield, and
oil productivity on an areal basis compared to other counterparts [4–6]. Nonetheless,
the higher production costs than conventional fossil fuels have hindered its commercial
viability. To establish a more sustainable production model, it is crucial to utilize non-lipid
macromolecules such as carbohydrates and proteins [7]. This approach expands the scope
of microalgae-based processes from a sole focus on lipid-centric biofuel production to
encompass comprehensive biorefinery concepts [8].

A complete utilization of biomass macromolecules faces numerous challenges due
to the complex biochemical composition of microalgae [9]. Carbohydrates and proteins,
potential carbon and nitrogen sources for the subsequent cultivation of microbes, are

Sustainability 2024, 16, 7589. https://doi.org/10.3390/su16177589 https://www.mdpi.com/journal/sustainability

https://doi.org/10.3390/su16177589
https://doi.org/10.3390/su16177589
https://creativecommons.org/
https://creativecommons.org/licenses/by/4.0/
https://creativecommons.org/licenses/by/4.0/
https://www.mdpi.com/journal/sustainability
https://www.mdpi.com
https://doi.org/10.3390/su16177589
https://www.mdpi.com/journal/sustainability
https://www.mdpi.com/article/10.3390/su16177589?type=check_update&version=1


Sustainability 2024, 16, 7589 2 of 15

accumulated during the late exponential phase of microalgae growth [10]. Due to their
hydrophilicity, carbohydrates and proteins may remain in the biomass residue and water
phase, leading to potential issues during lipid extraction [11]. Those macromolecules, espe-
cially proteins, can cause the emulsification of organic and water phases with the biomass
residue, resulting in a significant loss in lipid yield and additional downstream processing
costs [12]. On the other hand, phospholipids, another type of well-known bio-surfactant,
not only cause emulsification but also act as poison for catalysts in the lipid conversion
process, e.g., hydrotreating or hydrocracking reactions [13]. Other inorganic compounds
such as Ca2+, Mg2+, and K+, which are remaining nutrients, also exist in extracted lipids
and induce catalytic poisoning [14]. To increase the lipid extraction efficiency and economic
feasibility of microalgal biorefinery, it is necessary to efficiently separate macromolecules
and inorganic compounds from extracted crude lipids.

Thermochemical routes for the cell disruption process have been widely studied
to increase lipid extraction yield from wet biomass [15]. Acid pretreatment under high
temperatures induces an acidic hydrolysis reaction of various cellular molecules, including
the cellulosic cell wall, carbohydrates, proteins, and polar lipids, e.g., phospholipids and
glucolipids [16–18]. This method has been employed for a relatively low concentration
biomass (<60 g/L) [19–26] because highly concentrated biomass requires much higher
acidic conditions, which may reduce process operability by corrosion [27]. However, after
acid pretreatment at low biomass concentrations, the lipid recovery process with non-
polar solvents like hexane may take a long time. This is because the water contents in the
biomass form a hydrophilic barrier, preventing hexane from reaching the lipid droplets and
requiring extended process times to capture the lipids [4]. In the previous reports, our group
developed an energy-efficient lipid extraction process using a high-shear mixer from wet
algal biomass [12]. The high-shear mixer (HSM), which is a unique mixing equipment that
consists of a rotor–stator assembly, is capable of producing high rotor tip speed (ranging
from 10 to 50 m/s), high shear rates (ranging from 20,000 to 100,000 s−1), and highly
localized energy dissipation rates near the mixing head [28]. HSM has been proven to
minimize the water barriers and dramatically increase mass transfer rate through strong
turbulent mixing. However, the authors focused on lipid extraction from the concentrated
biomass (>250 g/L) without utilizing other biomass components, which requires more
studies about major nutrients (carbohydrates and protein) recovery and impurity removals
to develop final concepts of bio-algal refineries [12]. Furthermore, highly concentrated
biomass is difficult to achieve due to the energy-intensive harvesting technology, which
increases the cost of the overall process.

Herein, we have developed a process that combines thermochemical treatment and
high-shear mixing for the fractionation of macromolecules and impurities, aiming for a
complete utilization of biomass. Chlorella sp. ABC-001, which has a unique characteristic
of accumulating both carbohydrates and lipids during the stationary growth phase under
nitrogen-depleted conditions, was used as a model biomass [29]. The CASS process pro-
posed in this paper comprises four stages: (1) concentrating the microalgae solution, (2) acid
pretreatment, (3) high-shear-assisted lipid extraction, and (4) separation (Figure 1). The
application of high shear during lipid extraction makes the process operable at a moderate
biomass concentration (50 g/L), which can be achieved by energy-efficient membrane har-
vesting technology [30,31]. This approach hypothesizes as follows: (1) Hydrolysis breaks
down the carbohydrate contents of the microalgae, e.g., cellulosic cell wall and starch,
into smaller sugars, e.g., monosaccharides, in the aqueous phase. (2) The acids detach the
hydrophilic heads from the phospholipids, leaving behind nonpolar hydrocarbon tails,
which are then separated into the aqueous phase. (3) Both high lipid extraction and glucose
recovery yield are achieved by high-shear mixing, which enhances the mass transfer rate
between the water/nonpolar solvent and biomass, overcoming the hydraulic barrier at the
surface of the cells when the solvents contact the concentrated wet biomass. This study eval-
uates the cell disruption, separation of macromolecules, and their compositions observed
in each stage, suggesting a sustainable biorefinery concept based on the CASS process.
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Figure 1. Microalgal-based biorefinery based on the CASS process.

2. Materials and Methods
2.1. Materials

Chlorella sp. ABC-001 was selected as the model strain due to its high content of
lipids and total carbohydrates compared to other microalgae strains [29]. The microalgae
was cultivated in an indoor photobioreactor (PBR) system by KIER (Korea Institute of
Energy Research). The biomass was harvested and dewatered by centrifuge and freeze-
dryer, respectively, and stored in a refrigerator (4 ◦C) until use. Bulk N-hexane (>95%) for
lipid extraction was purchased from Samchun Chemical (Pyeongtaek, Republic of Korea).
Chloroform, methanol (HPLC grade), sulfuric acid (99.8%), FAME mix, and heptadecanoic
acid (≥99.5%) were purchased from Merck (Darmstadt, Germany). Nitrogen (N2) for
hexane evaporation and pure compressed air, helium (He), and hydrogen (H2) gases for
gas chromatography (GC) were purchased from Samo Gas (Daejoen, Republic of Korea).

2.2. Biochemical Composition Analysis

The composition of Chlorella sp. ABC-001 was analyzed prior to the extraction experi-
ment. The total amount of lipids was quantified by the modified Folch method in gravi-
metric yield [32]. A total of 50 mg of fully dried cells and 10 mL of chloroform/methanol
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(2:1 v/v) solution were treated in a sonication bath for 1 h at maximum amplitude. Af-
ter pretreatment, the solution was mixed with 5 mL of water for phase separation and
separated by centrifuge. Then, 3 mL of chloroform was decanted into the pre-weighed
aluminum dish and evaporated under a fume hood. Residues were weighed to calculate
the total lipid contents by the following equation.

Total lipid content (wt.%) = (Wl − Wd)×
Vt

Vd × Wb
(1)

Wl, Wd, and Wb represent the weight of the aluminum dish with lipids, aluminum dish,
and biomass, respectively. Vt and Vd represent the total volume and decanted volume of
chloroform, respectively.

The total esterifiable lipids were analyzed by an in situ transesterification method [33].
A total of 20 mg of dry biomass was mixed with chloroform/methanol (2:1 v/v) and
vortexed for 5 min with an additional 1 mL of methanol, internal standard (C17:0, 0.5 mg),
and 0.3 mL of sulfuric acid. The mixture was heated at 100 ◦C for 20 min to convert lipids
into fatty acid methyl ester (FAME). After phase separation by adding distilled water, the
organic phase containing FAME was filtrated with a 0.22 µm polytetrafluoroethylene (PTFE)
filter. The filtrate was analyzed to characterize FAME content by gas chromatography 6890
(Agilent Technologies, Santa Clara, CA, USA) with a flame-ionized detector (GC-FID) and
an INNOWAX capillary column (30 m × 0.32 mm × 0.5 µm, Agilent, USA).

Total carbohydrate content was analyzed by colorimetric method using phenol–
sulfuric acid, using glucose as a standard [34]. A total of 1 mL of algal suspension solution
(0.5 g/L) was mixed with 1 mL of phenol (5% w/v) and sulfuric acid (95%, 5 mL) and
cooled in a dark room for 30 min. The total carbohydrate content was determined by UV
absorbance at 470 nm. The calibration curve was obtained using a glucose standard. The
monosaccharide content was analyzed using high-performance liquid chromatography [35].
A total of 0.6 g of dry biomass was mixed with 60 mL of 2 N nitric acid. The mixture was
then heated at 90 ◦C for 3 h and 1 mL was sampled every 30 min. Each sample was filtered
and soluble carbohydrates (glucose, fucose, xylose, galactose, mannose, rhamnose) were
analyzed by high-performance liquid chromatography with refractive index detection
(HPLC-RID) with HPX-87H column, while 0.05 mM sulfuric acid was used as the mobile
phase. The monosaccharide recovery was estimated as follows:

Monosaccharide recovery (%) =
Hydrolzed soluble carbohydrate content

Total soluble carbohydrate content
× 100 (2)

where total soluble carbohydrate content represents the content of monosaccharide in dry
biomass hydrolyzed by the method described.

Ash content was measured gravimetrically after calcination. Before calcination, an
aluminum dish was preheated at 550 ◦C for 4 h. A total of 0.5 g of dried biomass was
heated with the pretreated aluminum dish in a furnace at 575 ◦C for 4 h, and the residue
was measured by a gravimetrical-like total lipid analysis method [36]. The protein content
was calculated by subtracting all the other components (total lipids, carbohydrates, ash)
from 100%. All experiments for the biochemical composition analysis were carried out
in triplicate.

2.3. Acid Pretreatment of Wet Biomass

Acid pretreatment of concentrated wet biomass (50 g/L) was carried out to produce
hydrolyzed wet biomass. Firstly, 0.5 g of dried biomass was dispersed in 10 mL of distilled
water in a 50 mL Duran bottle to prepare the model concentrated wet biomass. Sulfuric
acid (99.8%) was then added to the wet biomass at specific concentrations, and mixing was
performed with a magnetic stirrer by using a conventional heating plate. After mixing,
the sample was cooled to room temperature before adding 15 mL n-hexane. The mixture
was stirred again at 1000 rpm at room temperature for 12 h to fully extract lipids from the
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microalgal cells. The organic solvent layer (n-hexane containing lipids) and aqueous phase
(containing cell debris) were separated by centrifugation at 4000 rpm for 10 min. A known
volume of lipid-containing solvent was transferred to a pre-weighed aluminum dish and
evaporated in a fume hood. The extracted lipid content was analyzed by a gravimetric
method, and lipid recovery was calculated using the following equation.

Lipid recovery yield (%) =
Extracted lipid content

Total lipid content
× 100 (3)

The effects of acid concentration, acid treatment time, and temperature on lipid
recovery were investigated. Acid concentrations were varied from 0.5 to 5 vol.% (0.5, 1, 3,
5), equivalent to 0.18, 0.36, 1.08 and 1.8 N, respectively, at 100 ◦C for 1 h. The acid treatment
time was varied from 5, 10, 30, and 60 min under a static condition of 5 vol.% of sulfuric acid
at 100 ◦C. The temperature of acid treatment was varied from 70, 80, 90, 100, and 120 ◦C
under a static condition of 5 vol.% of sulfuric acid and 60 min of treatment time. To verify
the effects of treatment temperature on cell morphology, microscopic images of disrupted
cells were obtained with a DM2500 microscope equipped with a DFC425C camera (Leica
Microsystems, Wetzlar, Germany). All experiments were carried out in duplicates.

2.4. High Shear-Assisted Lipid Extraction

Following the acid pretreatment of wet biomass, a lipid extraction process using a
high-shear mixer (HSM) was developed to enhance the lipid extraction yield and reduce
the extraction time. A conventional lab-scale HSM, L5M-A (Silverson, Chesham, UK), was
used in this research. The diameter of the rotor and the rotor–stator gap distance were
15.7 and 0.075 mm, respectively. A commercial vertical screen equipped with the L5M-A,
which had 12 slits, each measuring 2 × 10 mm, was used. The surface of the HSM was
coated with ethylene tetrafluoroethylene (ETFE) EC-6515 (Dalkin, Osaka, Japan) to reduce
the attachment of biomass.

The extraction efficiency of the conventional stirrer and HSM was compared with
varying rotational speed and treatment time. The conventional stirrer was operated at
500, 750, and 1000 rpm for 0, 1.5, 3, 6, 9, and 12 h. The HSM was operated at 1000, 2000,
and 3000 rpm for 0, 5, 10, 30, 60, and 90 min. At each time point, a known volume of
lipid-containing hexane was sampled and decanted into a 15 mL vertical glass tube. The
solvent was then evaporated using a nitrogen purge, and the lipids remaining in the tube
were converted into FAME by the in situ transesterification method and analyzed by GC
(using the same methods as previously mentioned in Section 2.2). Esterifiable lipid yield
was calculated using the following equation.

Esterifiable lipid yield (%) =
Extracted esterifiable lipids

Total esterifiable lipids
×100 (4)

2.5. Characterization of Oil, Water, and Solid Phase Products

Detailed characterization of biomass, oil phase, and water phase was performed to find
a distribution of macromolecules. For the oil phase and water phase, lipid and carbohydrate
characterization were performed, respectively. The solid phase, lipid-extracted algae (LEA),
was separated and analyzed for lipid content and esterifiable content by the method
described in Section 2.2. The ash content of oil, water, and solid phase was analyzed by the
method described in Section 2.2. The carbohydrate and protein content of the solid phase
was calculated by subtracting extracted macromolecule contents in the oil and water phase,
respectively. Elemental analysis (C, H, O, N, S) was performed on raw biomass, extracted
oil, and LEA using an elemental analyzer, FLASH 2000 series (Thermo Scientific, Waltham,
MA, USA).

Inorganic element analysis (P, Ca, Na, K, Cu, Zn, Mg) of oil, water, and solid phase was
performed using inductively coupled plasma–optical emission spectroscopy (ICP-OES). For
oil and water phase analysis, the solvent and water were fully evaporated using a vacuum
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evaporator. Pre-weighed samples were pretreated with nitric acid to remove any organic
content. A 40 mg oil sample was diluted with V-SOLVTM (VHG Labs, Manchester, UK)
solution and CONOSTAN Multi-Element Standard (150-021-015) was used as the standard.
ICP-OES analysis conditions for quantifying metal and phosphorus contents are described
as follows: plasma power 1400 W, pump speed 15 rpm, coolant flow 12 L/min, auxiliary
flow 1.5 L/min, nebulizer flow 0.6 L/min, oxygen flow 0.2 L/min. The initial content was
determined by analyzing the crude oil extracted by the modified Folch method described
in Section 2.2.

3. Results and Discussion
3.1. Biochemical Composition of Chlorella sp. ABC-001

Table 1 shows the biochemical composition of Chlorella sp. ABC-001 used for the CASS
process. The lipid content of the biomass was 35.7 wt.%, which contained 29.8 wt.% of
esterifiable lipids and 4.9 wt.% of non-esterifiable lipids (e.g., chlorophyll, hydrocarbon).
The carbohydrate content of the biomass, which is another major nutrient of ABC-001, was
40.1 wt.%, which contained 19.1 wt.% of glucose that could be converted into valuable
biochemicals, e.g., bioethanol and biopolymer, through fermentation [37]. The rest of the
biomass consisted of 18.6 wt.% of proteins and 5.5 wt.% of ashes. These high esterifiable
lipids and monosaccharide carbohydrate contents are attributed to the characteristics of
the Chlorella sp. ABC-001 under nitrogen-depleted conditions [29], which showed great
potential for microalgal biorefinery feedstock.

Table 1. Biochemical composition of Chlorella sp. ABC-001. All the values are presented as the average
of triplicated samples with standard deviations (n = 3).

Composition Biomass
(wt.%)

Crude Lipids 2

(wt.%)

CASS Process 3

Oil Phase
(wt.%)

Water Phase
(wt.%)

Solid Phase 4

(wt.%)

Macromolecule
composition 1

Lipid 35.7 ± 0.6 35.7 ± 0.6 30.1 ± 0.2
N/A

2.2 ± 0.01
Esterifiable Lipid

(FAME) 29.8 ± 0.2 29.8 ± 0.2 27.0 ± 0.5 0.5 ± 0.2

Carbohydrate 40.1 ± 1.3
N/A N/A

29.1 ± 0.8 2.9 ± 0.1
Glucose 19.1 ± 0.1 17.2 ± 0.3 0.2 ± 0.1
Protein 18.7 ± 2.3 N/A 19.0 ± 0.4

Ash 5.5 ± 0.1 0.1 ± 0.1 <0.1 4.9 ± 0.0 0.5 ± 0.0

Elemental
composition

C 51.8 ± 0.1 74.1 ± 0.6 75.4 ± 0.4

N/A

44.5 ± 0.1
H 8.2 ± 0.1 11.8 ± 0.1 12.2 ± 0.1 6.5 ± 0.1
O 29.7 ± 0.1 11.8 ± 0.1 11.4 ± 0.1 27.4 ± 0.0
N 2.6 ± 0.0 0.4 ± 0.1 0.2 ± 0.0 8.2 ± 0.1
S 0.2 ± 0.1 N/D N/D 2.5 ± 0.1

1 Macromolecule composition is based on the original dry biomass. 2 The composition of crude lipids extracted
by the Folch Method will be discussed in Section 3.4. 3 The composition of the extraction mixture by the CASS
process will be discussed in Section 3.4. 4 LEA (Lipid-extracted algae).

3.2. Acid Pretreatment of Concentrated Wet Biomass

The effect of acid concentration, pretreatment time, and temperature was investigated
using concentrated wet biomass (50 g/L) in terms of lipid extraction yield (Figure 2). To
clarify the effects of acid treatment on the wet biomass, lipid recovery was performed using
a conventional stirrer under overnight conditions to achieve mass transfer equilibrium.
The lipid yield increased as the acid concentration, pretreatment time, and temperature
increased and reached a saturation of around 90%. For acid concentration, only 0.5 wt.%
sulfuric acid achieved 76% lipid yield and showed saturated behavior over 3 wt.% sulfuric
acid, which is equivalent to 1.08 N concentration (Figure 2a). Lipid yield increased rapidly
throughout the treatment and reached saturation point after 30 min (Figure 2b). Lipid
yield was saturated at a temperature higher than 100 ◦C at 5 wt.% sulfuric acid condition
(Figure 2c). The maximum lipid yield of 90.6% was achieved under the condition of 5 wt.%
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sulfuric acid at 120 ◦C for 1 h. However, the difference compared to the second-highest
temperature condition (100 ◦C) was insignificant, with a yield of 89.3%. Zhang et al. (2018)
reported that they extracted 414.1 mg/g cell lipids with 0.5 M sulfuric acid at 120 ◦C for
1 h treatment from Chlorella vulgaris [38]. Martins et al. (2020) used 20 g/L of Chlorella
vulgaris and achieved over 90% of lipid extraction yield with 5 vol.% sulfuric acids at 120
◦C for 10 min treatment [39]. The results showed consistency with previous studies that
concluded acid pretreatment requires more than 100 ◦C at diluted concentration.
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on lipid extraction recovered by using a conventional stirrer at 1000 rpm for 12 h.

Providing enough thermal energy is key to inducing effective hydrolysis reactions.
Cell morphology was observed through microscopic images after acid treatment at various
temperature conditions (Figure 3). Before the acid treatment, the cell envelope exhibited
a uniform circular shape with evenly distributed sizes of 3–5 µm (Figure 3 (a)). As the
temperature increased from 70 to 80 ◦C, cells began to agglomerate together without
significant damage observed. Partial or complete destruction of cell walls was first found
at 90 ◦C (Figure 3 (b)) and completely disrupted over 100 ◦C (Figure 3 (c)). At 120 ◦C, most
cells were ruptured, resulting in the drainage of intracellular fluids from the cell envelope
(Figure 3 (d)). The lipid droplets that remain in the intracellular fluids can easily be uptaken
by organic solvents, even with low biomass concentration in a water medium. These results
correspond with lipid yield results, showing that the destruction of cell walls is required
to achieve a high lipid extraction yield of over 90%. Based on the above results, the acid
treatment condition was fixed at 100 ◦C, 5 wt.% for 1 h on further research.
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Figure 3. Microscopic image of Chlorella sp. ABC-001 before (control) and after acid treatment at
various temperature conditions (5 wt.%, 1 h treatment). The scale bar is 10 µm. Morphological
changes are highlighted in red circles. (a) A normal cell; (b) the overall size of the cell is enlarged, and
its shape starts to deviate from a sphere; (c) disrupted cells are agglomerated with cell debris; and
(d) a complete cell rupture is observed.
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3.3. Effects of Mixing Efficiency on the Lipid Recovery Process

The governing factor of the lipid recovery process is the mass transfer phenomenon,
which can be defined as the mass transfer efficiency of lipid droplets into organic solvents
through a water barrier [40]. The mass transfer rate is governed by diffusion, which is
affected by surface area, concentration gradient between bulk solvent and biomass, and
intrinsic diffusivity of lipids through the water layer. Even after the cell wall was ruptured
by acid pretreatment, the polar water barrier hindered the extraction of lipids into solvents,
reducing the recovery rate, which resulted in low process efficiency. Since our primary goal
was to recover each of the biological components, especially the lipid, as much as possible
economically, decreasing the time and increasing the yield were both important. Thus, a
mechanical method of generating high-shear mixing was introduced to effectively deliver
enough mixing energy to a water–organic solvent mixture.

Figure 4 shows the effects of the mixing efficiency of various rotational speeds of
the HSM, and the conventional stirrer was compared in terms of lipid extraction yield
and extraction time. The results demonstrated that increasing mixing speed affected lipid
extraction yield and rate. In the case of the conventional stirrer, 500 and 750 rpm could not
achieve a mass transfer saturation point due to their low mixing efficiency (Figure 4a). For
1000 rpm conditions, the saturation limit was achieved at about 85% after 6 h of treatment.
On the other hand, the HSM exhibited higher lipid extraction efficiency than the stirrer at
the same 1000 rpm, achieving the same level of extraction yield at 90 min, which matched
the yield of the conventional stirrer at 180 min (Figure 4b). Even though the rotor diameter
of the HSM and the stirrer was the same, the HSM’s unique rotor–stator geometry generated
additional shear force and turbulent flow, dramatically increasing mass transfer efficiency.
As the rotational speed of the HSM increased, the saturation curve was achieved within
30 min at 3000 rpm and reached the highest yield of 90.7%.
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The HSM was designed to be operated at high rpm conditions that could not be
reached when using the conventional stirrer, and therefore, employing the HSM in the
mixing process is beneficial in homogenizing immiscible fluids. The water and hexane need
to contact the biomass as much as possible to recover responsible components for each
phase. A number of papers provided proof-of-concept and optimization studies for high-
shear-assisted solvent-based extraction in highly concentrated biomass conditions (>200 g
dry cell/L) without water medium [12,41]. The extraction process with highly concentrated
biomass could achieve a high yield with low solvent usage and energy consumption.
However, the microalgae concentrating process requires extremely high energy and is time-
consuming, necessitating proper selection and optimization of harvesting and extraction
technology. Throughout the investigation presented in this study, the high-shear-assisted
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extraction process has expanded its utility for recovering biological components from wet
biomass at low concentrations.

3.4. Separation of Macromolecules in Post-Extracted Mixture: Biorefinery Concept

The previous section revealed that the CASS process can potentially extract lipids from
low-concentration biomass with acid pretreatment and high-shear-assisted recovery. Since
ABC-001 still contains significant sources of carbohydrates and proteins, it is necessary to
clarify the extraction behavior of these macromolecules within the system to validate the
potential of an algae-based biorefinery. Therefore, a comprehensive analysis of the mixtures
in three phases (liquid–liquid–solid), consisting of water, an organic solvent containing
lipids, and treated biomass, was performed from the perspective of macromolecules and
other impurities, namely inorganic compounds. From the biomass, over 90% of the lipids
and fermentable glucose were transferred into the organic solvent and water phases,
respectively. All the protein contents were preserved (100%) in the lipid-extracted algae
(LEA) layer (Figure 5). Notably, this phase separation was achieved naturally within
10 min after the CASS process. Details on each phase will be discussed in the following
sub-chapters.

Sustainability 2024, 16, x FOR PEER REVIEW 10 of 16 
 

 
Figure 5. The composition and proposed use of three layers resulting from the natural separation of 
the extraction mixture obtained from the complete CASS process. 

3.4.1. Lipid Phase: Esterifiable Lipids Recovery 
After the acid treatment and lipid recovery, the extracted mixture naturally separated 

into water, biomass residue, and hexane layers from bottom to top. The macromolecule 
analysis results are presented in Table 1, based on the weight percentage of the original 
biomass. The results indicated that lipids, carbohydrates, and proteins are distributed into 
oil, water, and solid phases, respectively. About 35.7 wt.% of lipids in the original biomass 
were distributed, with 30.1 wt.% in the oil phase and 2.2 wt.% in the lipid-extracted algae 
(LEA), respectively. In the case of fatty acid content, 27.0 wt.% was recovered by the oil 
phase, and only 0.5 wt.% remained in the solid phase, which is about 90% of the recovery 
yield from the original biomass. 

Notably, the purity of the lipids extracted by the CASS process (89.7%) was higher 
than that of the conventional Folch method (83.5%). The lipids extracted by hexane usu-
ally have higher FAME contents than lipids extracted by the Folch method due to the 
higher polarity of chloroform/methanol than hexane, which could extract unwanted car-
bohydrates and protein-associated lipids [42]. Furthermore, acid treatment hydrolyzes 
galactolipids (MGDG, DGDG) and phospholipids (PE, PC), which are major components 
of chloroplasts and cell membranes, respectively, into polar functional groups and fatty 
acids [41]. 

Compared to the crude lipid extraction methods, the acid hydrolysis of polar lipids 
could cause a minor loss of total lipid contents in the CASS process. Total carbohydrate 
content increased slightly more than the original biomass, which indicates that the hydro-
lyzed galactose group was transferred into the water phase. The elemental analysis results 
further support the hydrolysis of unwanted polar lipids. In the oil phase, carbon and hy-
drogen contents increased, and the oxygen and nitrogen contents decreased compared to 
the crude lipids. This observation is further supported by the hydrogen/carbon atomic 
ratio (H/C), an important descriptor that characterizes the quality of petroleum, which 
also can be applied in biomass-derived fuels in a slightly modified form, ‘effective hydro-
gen-to-carbon ratio (H/Ceff)’, as defined as follows [43]: 

H/Ceff = (n(H) − 2 × n(O) − 3 × n(N) − 2 × n(S))/n(C) (5)

where n(H), n(O), n(N), n(S), and n(C) represent the molar concentrations of hydrogen, 
oxygen, nitrogen, sulfur, and carbon, respectively. The H/C ratio of the oil phase from the 
CASS process was 1.71, whereas the crude lipids from the Folch method had a ratio of 
1.66, implying that the quality of extracted lipids has been improved. When compared to 
the other type of extraction process, e.g., hydrothermal liquefaction (HTL), the CASS pro-
cess achieved a higher value (1.71) than a previously reported study for the same species 
(1.56–1.63) [44], indicating that the lipid quality has been enhanced to be more suitable for 
fuels. 

Figure 5. The composition and proposed use of three layers resulting from the natural separation of
the extraction mixture obtained from the complete CASS process.

3.4.1. Lipid Phase: Esterifiable Lipids Recovery

After the acid treatment and lipid recovery, the extracted mixture naturally separated
into water, biomass residue, and hexane layers from bottom to top. The macromolecule
analysis results are presented in Table 1, based on the weight percentage of the original
biomass. The results indicated that lipids, carbohydrates, and proteins are distributed into
oil, water, and solid phases, respectively. About 35.7 wt.% of lipids in the original biomass
were distributed, with 30.1 wt.% in the oil phase and 2.2 wt.% in the lipid-extracted algae
(LEA), respectively. In the case of fatty acid content, 27.0 wt.% was recovered by the oil
phase, and only 0.5 wt.% remained in the solid phase, which is about 90% of the recovery
yield from the original biomass.

Notably, the purity of the lipids extracted by the CASS process (89.7%) was higher
than that of the conventional Folch method (83.5%). The lipids extracted by hexane usually
have higher FAME contents than lipids extracted by the Folch method due to the higher po-
larity of chloroform/methanol than hexane, which could extract unwanted carbohydrates
and protein-associated lipids [42]. Furthermore, acid treatment hydrolyzes galactolipids
(MGDG, DGDG) and phospholipids (PE, PC), which are major components of chloroplasts
and cell membranes, respectively, into polar functional groups and fatty acids [41].

Compared to the crude lipid extraction methods, the acid hydrolysis of polar lipids
could cause a minor loss of total lipid contents in the CASS process. Total carbohydrate con-
tent increased slightly more than the original biomass, which indicates that the hydrolyzed
galactose group was transferred into the water phase. The elemental analysis results further
support the hydrolysis of unwanted polar lipids. In the oil phase, carbon and hydrogen
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contents increased, and the oxygen and nitrogen contents decreased compared to the crude
lipids. This observation is further supported by the hydrogen/carbon atomic ratio (H/C),
an important descriptor that characterizes the quality of petroleum, which also can be
applied in biomass-derived fuels in a slightly modified form, ‘effective hydrogen-to-carbon
ratio (H/Ceff)’, as defined as follows [43]:

H/Ceff = (n(H) − 2 × n(O) − 3 × n(N) − 2 × n(S))/n(C) (5)

where n(H), n(O), n(N), n(S), and n(C) represent the molar concentrations of hydrogen,
oxygen, nitrogen, sulfur, and carbon, respectively. The H/C ratio of the oil phase from
the CASS process was 1.71, whereas the crude lipids from the Folch method had a ratio
of 1.66, implying that the quality of extracted lipids has been improved. When compared
to the other type of extraction process, e.g., hydrothermal liquefaction (HTL), the CASS
process achieved a higher value (1.71) than a previously reported study for the same species
(1.56–1.63) [44], indicating that the lipid quality has been enhanced to be more suitable
for fuels.

3.4.2. Water Phase: Fermentable Glucose Recovery

The water phase contained 29.1 wt.% of total carbohydrates and 4.9 wt.% of inorganic
compounds. The fermentable glucose was 17.2 wt.%, found in the water phase. This
amount corresponds to 90% of the original biomass, and only 0.2 wt.% remained in the
LEA. These results indicate that acid hydrolysis converted carbohydrates into fermentable
glucose that is easily soluble in the water phase. The other carbohydrates remained in the
algal cells, about 2.9 wt.% of the original biomass, corresponding to 7.2% of the original
carbohydrate content. The final concentration of fermentable glucose in the water phase
was 8.6 g/L. Meanwhile, the typical glucose concentration for yeast fermentation is more
than 20 g/L [45]. This difference can be adjusted by concentrating the water phase or
increasing biomass concentration. However, careful considerations should be taken when
deciding on the adjustment since the capital costs may increase.

The other study using algal biomass first conducted lipid extraction, then carbohydrate
hydrolysis, using lipid-extracted algae by applying post-acid treatments [46]. This concept
has the advantage of uncoupling lipid extraction and carbohydrate hydrolysis, providing
the flexibility to optimize each process independently, resulting in high yields of lipids
and carbohydrates. On the other hand, the CASS process has the advantage of simulta-
neous lipid extraction and carbohydrate hydrolysis, achieving process simplification and
requiring only two continuous mixing tanks and a three-phase separator, compared to the
previous study that required more than two CSTRs and two separators for the continuous
process [46]. Also, the earlier study applied a hexane/ethanol mixture (additional polar
solvents) to achieve a high lipid yield, resulting in increased operating and raw material
costs [39]. In the CASS process, high-shear mixing provided enough lipid extraction ca-
pabilities only with a non-polar solvent (hexane), without the assistance of polar solvents
(e.g., methanol and ethanol).

3.4.3. Solid Phase: Maintaining Protein Integrity

The solid phase is composed mainly of proteins, 56 wt.% of the LEA, corresponding to
18.8 wt.% of the original biomass. This indicates that most proteins remain in the biomass
without being extracted. These results align with the elemental analysis results, given that
LEA’s nitrogen and sulfur content was 3.15 and 12.5 folds higher than the original biomass,
respectively. Hydrolysis of protein into amino acids requires much harsher conditions than
the CASS process, where the classical hydrolysis method used 6 N hydrochloric acid at
110 ◦C for 24 h treatment [47]. The original protein content appears preserved in LEA,
making it suitable for nutritious animal and fish feeds [48].
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3.4.4. Impurities Removal Effects on Extracted Lipids

The inorganic compounds, namely ashes, were mainly dissolved in water (90%),
and the remaining amount was left in the LEA (10%). The detailed analysis of inorganic
compounds (P, Ca, Na, K, Cu, Zn, Mg), performed using ICP analysis, is presented in
Table 2. The results showed that most of the inorganic compounds were slipped into
the water phase, the rest remained in the LEA, and only a small portion of phosphorus
and copper were found in the oil phase. The phosphorus, mainly from phospholipids
comprising cell membranes, was separated into water by acid hydrolysis. Phospholipids
are the main impurities from bio-based feedstock that cause catalytic poisoning in the
hydrodeoxygenation [49] and isomerization processes for biofuel production [50]. In the
conventional process, phosphorus and other impurities are removed by a degumming
process, which adds water and acid into crude lipids to separate impurities as a form of
gum [51]. In the CASS process, acid treatment resulted in the pre-removal of impurities
into the water phase, integrating lipid extraction and the degumming process.

Table 2. Inorganic compositions of Chlorella sp. ABC-001, crude lipids extracted by the Folch method,
and products separated by the CASS process. All the values are presented as the average of triplicated
samples with standard deviations (n = 3).

Content
Biomass

(wt. ppm)
Crude Lipid 1

(wt. ppm)

CASS Process
Oil Phase
(wt. ppm)

Water Phase
(wt. ppm)

Solid Phase 2

(wt. ppm)

P 27,021 ± 49 1130 ± 56 206.5 ± 1.9 24,318 ± 155 3346 ± 155
Ca 3168 ± 69 74.5 ± 5.1 N/D 2738 ± 21 461.2 ± 5.3
Na 623 ± 5 N/D N/D 792.8 ± 6.7 137.4 ± 3.3
K 19,844 ± 509 65.3 ± 1.8 N/D 17,344 ± 242 312.9 ± 2.0

Cu 889 ± 37 271.8 ± 8.2 24.9 ± 1.3 700.7 ± 0.4 352.1 ± 5.1
Zn 232 ± 53 17.4 ± 1.8 N/D 298.1 ± 0.7 N/D
Mg 3325 ± 44 N/D N/D 2891 ± 5 574.0 ± 10.2

1 The composition of crude lipids extracted by the Folch method. 2 LEA.

The CASS process induced a stable phase separation without forming an emulsion.
Emulsion formation, a critical issue in the two-step cell disruption and lipid extraction
process, causes a loss of lipids and carbohydrates by trapping them within the emulsion
layer and significantly increases the costs of additional separation [52]. High biomass
concentrations and the severity of cell disruption increase the chance of emulsion forma-
tion due to the secretion of bio-surfactants, which mainly consist of phospholipids, small
carbohydrates, and proteins [53]. In fact, ABC-001 also formed an emulsion when con-
centrated biomass was directly mixed with hexane using a high-shear mixer without acid
pretreatment, indicating the presence of bio-surfactants. As demonstrated in this study,
hydrolysis of phospholipids and carbohydrates prevented emulsion formation, obtaining
a clear phase separation after vigorous high-shear mixing. Applying acid pretreatment
at the low biomass concentration was beneficial not only for the proper distribution of
macromolecules, but also for preventing emulsion formation during lipid recovery.

3.5. Comparison with Other Biorefinery Processes

Many researchers have reported several methods to fractionate macromolecules
(Table 3). Most of them used a combination of acid hydrolysis (pretreatment) and sol-
vent extraction, similar to our approach, focusing on the simultaneous production of
biofuel and bioethanol. Nonetheless, there is a significant difference between CASS and
the other studies. This study presents all the components’ conversion ratios in different
phases, discussing the quality of products to take practical issues such as emulsification
and catalytic poisoning into account.
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Table 3. Comparison of the microalgal biorefinery processes.

Process Strains Biomass
Conc. (g/L) Operating Conditions Macromolecule

Yield (%) References

High-pressure
homogenizer

Nannochloropsis
sp. 110–230

(1) Cell weakening (35 ◦C, 7–24 h)
(2) High-pressure homogenizer (800–1000 bar, 1 pass)
(3) Lipid recovery (2 h, biomass (paste):solvent
5:2 w/w)

Lipid: 25
Carbohydrate in
water: 41
Protein in biomass:
51

[54]

Acid hydrolysis Tribonema sp. 50

(1) Acid hydrolysis (3 wt%, sulfuric acid, 121 ◦C,
45 min)
(2) Lipid recovery (ethanol-hexane (1:3, v/v) on shaker
incubation, 2.5 h, 50 ◦C, biomass (paste):solvent = 1:6
w/v)

Biodiesel: 98.5
Monosaccharides:
81.5

[55]

Acid hydrolysis
Chlorella sp.

250

(1) Acid hydrolysis (2 wt%, sulfuric acid, 155 ◦C,
10 min)
(2) Lipid recovery (hexane, 2 h, biomass (paste):solvent
1:1 v/v)

Lipid: 22.2
Glucose: 81.2

[56]
Scenedesmus sp. Lipid: 92.5

Glucose: 73.1

Acid hydrolysis Chlorella sp.
ABC-001 50

(1) Acid hydrolysis (0.1 N, sulfuric acid, 170 ◦C, 4 min)
(2) Phase separation using centrifugation (1000 rpm,
5 min)
(3) Lipid recovery (hexane with vortexing, 20 min)

Lipid: 100
Monosaccharides: 89 [57]

Hydrothermal
liquefaction

Chlorella sp.
KR1 50 (1) Hydrothermal liquefaction (180 ◦C, 1 h)

(2) Lipid recovery (hexane with sonication, 2 h)
Lipid: 87
Glucose: 70 [49]

CASS Chlorella sp.
ABC-001 50

(1) Acid hydrolysis (5 wt.% sulfuric acid, 100 ◦C, 1 h)
(2) Lipid recovery (hexane with high-shear mixing,
3000 rpm, 30 min, biomass (wet):solvent = 1:1 v/v)

Lipid: 90.6
Glucose: 90.0
Protein: 100

This study

Halim et al. (2016) employed a high-pressure homogenizer to disrupt the strong
cell wall of Nanochloropsis sp. and monitored the yield of the macromolecules’ recovery,
which included 25% of lipids, 41% of carbohydrates, and 51% of proteins [54]. Although
a comprehensive biorefinery concept was proposed and analyzed, most macromolecule
components, especially lipids, were trapped in the emulsion layer. Since protein plays
a significant role in emulsion formation, species enriched in carbohydrates and lipids
while lacking in protein have been favored for the complete fractionation and utilization of
macromolecules. Wang et al. (2014) used Tribonema sp., which has very low protein contents,
for biodiesel and monosaccharide production [55]. Laurence et al. (2015) used Chlorella
sp., which is also low in protein, but obtained low lipid recovery since they employed the
conventional stirrer for the extraction [56].

In the same context, Chlorella sp. ABC-001, which accumulates high levels of lipids
and carbohydrates, has been studied for biorefinery applications. Seon et al. (2023) adopted
acid hydrolysis under lower acidic concentration (0.1 N) at higher temperatures (170 ◦C)
than this study, followed by centrifugation of hydrolysate for volume reduction, and then
solvent extraction [57]. The yields were high (lipids of 100% and monosaccharides of
89%), but this process required additional steps for phase separation and holds a potential
concern for corrosion issues due to high temperatures. Jin et al. (2017) used hydrothermal
liquefaction (HTL) instead of acid hydrolysis and then recovered lipids using solvents from
Chlorella sp. KR1 [49], which had a similar compositional character to ABC-001. The lipid
yield was comparable to this study (87%), but conversion of carbohydrates (70%) was low
for bioethanol fermentation.

The novelties of the CASS process and this study are (1) the application of a high-shear
mixer to disrupt the water barrier in mildly concentrated wet biomass, (2) a comprehensive
analysis of macromolecule conversion, and (3) the demonstration of acid hydrolysis’s effects
on both carbohydrate saccharification and phospholipid breakdown. The use of high-shear
mixing enabled the efficient processing of low-concentration wet biomass at a relatively
low biomass-to-solvent ratio (1:1 v/v), resulting in a high lipid yield exceeding 90%. The
effects of acid pretreatment were thoroughly investigated, with the expanded scope of
analysis encompassing overall macromolecule yield and quality. Carbohydrate hydrolysis
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produced a glucose yield of 90%, surpassing other studies. Additionally, phospholipid
hydrolysis transferred hydrophilic polar heads to the aqueous phase, thereby preventing
emulsion formation in the solvent phase and minimizing product loss. As discussed in
the previous paragraph, emulsion formation is a significant operational challenge that has
been extensively recognized. This issue was effectively mitigated by applying hydrolysis
prior to high-shear mixing. Notably, protein remains undegraded under mild acidic condi-
tions, allowing it to be preserved in the solid phase (LEA) for potential use in nutritional
feeds. Moreover, the removal of inorganic compounds from the lipids reduces the risk
of catalytic poisoning in the following processes. The CASS process is well suited for
providing high yields while maintaining product integrity as a bridging extraction process
between harvesting/dewatering and catalytic conversion in the whole biorefinery concept.
Furthermore, the CASS process is scalable, as high-shear mixers are commercially available
for large-scale production and have proven effective [28]. As the diameter of the rotor
increases, so does the Reynolds number, enhancing turbulent mixing efficiency relative to
energy consumption [12].

4. Conclusions

The CASS process was developed by combining acid pretreatment and high-shear-
assisted extraction to efficiently separate macromolecules from microalgae biomass. Acid
treatment effectively hydrolyzed phospholipids (biosurfactants) and removed inorganic
compounds (potential catalytic poisons), enabling the recovery of more than 90% of esteri-
fiable lipids with improved quality in the following high-shear-assisted extraction using
hexane. Simultaneously, over 90% of the glucose was hydrolyzed into the water phase
at a concentration of 8.7 g/L, making it suitable for bioethanol fermentation. Due to the
mild acid concentration, proteins were preserved in the solid lipid-extracted algae phase
without any loss (100%). The extraction mixture did not suffer from emulsification but
formed stable layers of solvent, water, and solids, each rich in lipids, glucose, and protein,
without requiring additional separation processes. The CASS process shows potential for
scalable biorefineries to fractionate nutrient-replete ABC-001 biomass for the co-production
of biofuel, bioethanol, and nutritious animal feed. Future research could investigate the
applicability of this process to other microalgal species, conduct techno-economic analysis
for different target products under various cultivation scenarios, and include sensitivity
analysis to assess the impact of biomass composition on economic feasibility.
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