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Abstract

:

Antibiotic use causes dysbiosis; probiotic treatment may mitigate these effects by promoting the growth of beneficial bacteria and restoring a healthy gut microbiota. The effects of a probiotic formulation (MegaSporeBiotic™; Bacillus indicus [HU36], Bacillus subtilis [HU58], Bacillus coagulans [SC208], Bacillus licheniformis [SL307], and Bacillus clausii [SC109]) on the microbial community activity and composition of the baby gut microbiome were evaluated using the in vitro gut model, the mucosal simulator of the human intestinal microbial system (M-SHIME®), and fecal samples from four babies aged 6–24 months. Established Baby-Quad-M-SHIME® proximal colon vessels (control period) were treated with 75 mg amoxicillin:clavulanic acid (2:1) for five days (antibiotic period) and then with/without daily MegaSporeBiotic™ (2 weeks; follow-up period). Antibiotic-induced dysbiosis was confirmed by significantly decreased SCFA levels and changes in the microbial community composition in the antibiotic vs. the control periods. SCFA levels recovered for both untreated and treated chambers during the follow-up period; recovery was similar among donors. There were few differences in microbial community composition between untreated and treated chambers during the follow-up period. MegaSporeBiotic™ supplementation following antibiotic-induced dysbiosis had little effect on the recovery of the microbial community activity or composition of the baby gut microbiota. Future studies evaluating simultaneous antibiotic and probiotic treatment may be of interest.
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1. Introduction


The gut microbiome influences both host metabolism and the immune system [1,2,3,4,5]. Some bacteria found in the gut are able to ferment indigestible dietary glycans into short-chain fatty acids (SCFAs) which play an important role in both gut health and overall health [6]. Acetate, propionate, and butyrate are the most predominant SCFAs involved in the maintenance of host health. Some important functions of SCFAs include that they are an energy source for intestinal epithelial cells, they help to strengthen the intestinal barrier, and they stimulate blood flow in the colon [7,8]. Prior to stabilization, which occurs at around 3 years of age, the composition of the gut microbiome is dynamic and may be influenced by a number of factors. One such factor is antibiotic use, which is relatively widespread among children. The microbiota of antibiotic-treated children is modestly less diverse than untreated children, though this is only apparent in those >1 year of age [9]. Short-term microbiota composition changes are observed after antibiotic treatment in those <3 years of age [9,10]. Decreased microbial diversity in early childhood may limit immune education, potentially leading to less robust microbial communities later in life [11].



Probiotics are defined by the World Health Organization as “live microorganisms which when administered in adequate amounts confer a health benefit to the host” [12]. Several benefits are reported for probiotic use, including improved gastrointestinal health and gut barrier function, and beneficial effects on both the mucosal and systemic immune systems [13]. Members of the spore-forming Bacillus spp. have been used as probiotics, having several advantages over non-spore-based probiotics. These advantages include resistance to desiccation and heat, and stability over a wide range of pHs, allowing them to survive the harsh acidic conditions of the stomach [14]. Bacillus-based probiotics have been shown to support increased SCFA production either directly or by promoting increased levels of SCFA-producing bacteria [15,16]. An in vitro study demonstrated that these probiotics aid in the recovery of the adult gut microbiome after antibiotic-induced dysbiosis, particularly for propionate-producing bacterial families [15].



The mucosal simulator of the human intestinal microbial ecosystem (M-SHIME®) is an in vitro modeling system that has been used to study the effects of probiotics, nutritional supplements, etc., on the activity and composition of the human gut microbiome [17,18]. This model has several advantages, including integration of the entire gastrointestinal tract, the ability to maintain microbiome stability over a long period of time (up to 7 weeks), and that the microbiota of different age groups can be explored (e.g., adult, toddler, baby) [18,19,20].



MegaSporeBiotic™ is a spore-based probiotic that contains five Bacillus strains (Bacillus indicus [HU36], Bacillus subtilis [HU58], Bacillus coagulans [SC208], Bacillus licheniformis [SL307], and Bacillus clausii [SC109]). This probiotic supplement was previously shown to support changes in gut microbiome metabolism, including increased propionate production, in an M-SHIME® model of the healthy adult gut microbiome [21]. In that study, changes to the microbial community composition with MegaSporeBiotic™ supplementation were also observed. Given that the gut microbiome of children <3 years is still developing and that antibiotics are known to affect the gut microbiome of young children, with potential impacts on microbial communities later in life, this study aimed to evaluate whether MegaSporeBiotic™ had any effects on the recovery of the activity and composition of the gut microbial community of 6–24-month-old babies following treatment with a broad-spectrum antibiotic using the Baby-M-SHIME® technology platform.




2. Materials and Methods


2.1. Test Products and Fecal Samples


All chemicals used in this study were obtained from Merck (Darmstadt, German), unless otherwise stated. MegaSporeBiotic™, which is a probiotic comprising spores of five different Bacillus strains (B. indicus [HU36], B. subtilis [HU58], B. coagulans [SC208], B. licheniformis [SL307], and B. clausii [SC109]) was provided by Microbiome Labs (Glenview, IL, USA).



Fecal microbiota from healthy 6–24-month-old babies (4 individual donors) was used in this study. We chose to include four individual donors in our studies rather than a single donor given the variation in the gut microbiome among individuals. We hoped to identify effects that were common to all four donors. The fecal samples were processed as follows. An Oxoid™ AnaeroGen™ sachet (Thermo Fisher Scientific, MA, USA) was placed into the sample box immediately after fecal sample collection to remove all oxygen. This was followed by the addition of anaerobic phosphate-buffer and homogenization in a stomacher to prepare a fecal slurry. A brief centrifugation was utilized to remove large particles. The fecal slurry was then added to an equal volume of cryoprotectant solution in an anaerobic workstation. The slurry was then snap-frozen in liquid nitrogen and stored at –80 °C until used in the study. All donors were Belgian and were being bottle fed at the time the fecal sample was collected. Ages of the individual donors were as follows: donor A, 8 months; donor B, 11 months; donor C, 15 months; donor D, 12 months.




2.2. Baby-M-SHIME® Study


The SHIME® model was initially described by Molly et al. and was developed as an in vitro representation of the gastrointestinal tract of adult humans [17]. The model was later adapted to allow modeling of both the luminal and mucosal microbial communities (M-SHIME®) [22,23]. The Baby-M-SHIME® model was adapted from an adult model as described in Van den Abbeele et al. [24] to represent the gastrointestinal tract of weaned infants [25]. Adaptations included the use of medium to simulate both the intake of solid food and digested infant formula, and the use of optimized retention times and pH ranges to represent the infant gut (described in detail below). This study used the Baby-M-SHIME® model to assess the effects of the test product compared to an untreated control using the microbiota of four healthy 6–24-month-old babies. Therefore, two parallel Quad-Baby-M-SHIME® configurations were implemented, with each Quad-Baby-M-SHIME® assessing the effect of the test product versus the untreated control for two donors. Each arm of the Quad-Baby-M-SHIME® consisted of three reactors simulating the stomach/small intestine, proximal colon (PC), and distal colon (DC). The stomach/small intestine reactor operated using a fill-and-draw principle; peristaltic pumps added a defined amount of nutritional medium (140 mL) to the stomach (pH 3) for an incubation time of 1.5 h after which pancreatic and bile liquid (60 mL, 2.5 g/L NaHCO3, 0.9 g/L pancreatin, 4 g/L oxgall) were added for the small intestine simulation (pH 6; 1.5 h incubation). The intestinal suspension was then pumped to the PC (pH 5.8–6.0, volume 300 mL, retention time 12 h) and then the DC (pH 6.0–6.5, volume 500 mL, retention time 20 h); both were under constant stirring. A total retention time of 32 h was used in this study to mimic the short transit of the infant gastrointestinal tract. Each colonic reactor was inoculated with fecal microbiota (5% [v/v]) of 6–24-month-old babies (4 individual donors) and included a simulation of the mucosal environment by the inclusion of mucin-coated microcosms (Van den Abbeele et al. [22]). Medium simulating both the intake of solid food and digested infant formula was used and contained both carbohydrates and digested milk compounds (4 g/L mucin, 1 g/L yeast extract, 0.2 g/L cysteine, and approximately 10 g/L digested milk fragments (4.8 g/L lactose, 0.5 g/L casein, and 4.6 g/L lactalbumin)) as described by Van den Abbeele et al. [24]. Once initiated, the SHIME® cabinet and integrated software were run according to the manufacturer’s instructions (ProDigest, Ghent, Belgium).



The experimental timeline included a two-week stabilization period (d–14 to d0), allowing the fecal microbiota to differentiate into communities representative of each colon region; a subsequent two-week control period (d1 to d14), which provided reference values for the microbial community and composition in each of the colonic compartments; a 5-day antibiotic treatment period (d15 to d19); and a two-week follow-up period (d20 to d33). During the antibiotic treatment period, reactors were treated with 75 mg/day amoxicillin and clavulanic acid (2:1) administered in 3 doses of 25 mg each which corresponded with the reactor feeding schedule. During the follow-up period, the reactors were supplemented with 2 × 109 CFU MegaSporeBiotic™ each day.




2.3. Microbial Community Activity


Samples were collected three times per week from each colonic vessel and assayed for concentrations of SCFAs (acetate, propionate, butyrate) and lactate, a precursor of SCFA. SCFAs were measured as described by Ghyselinck et al. [26]. Briefly, 2-methyl hexanoic acid was added to the samples as an internal standard followed by SCFA extraction using diethyl ether. Extracts were injected (1 µL) into a GC-2014 gas chromatograph (Shimadzu, ‘s-Hertogenbosch, The Netherlands) for analysis (temperature profile: 110 to 160 °C; temperature increase: 6 °C min−1; injector temperature: 200 °C; detector temperature: 200 °C). Nitrogen was used as the carrier gas. The gas chromatograph was equipped with a GC SGE capillary column, 30 m × 0.32 mm ID-BP21x 0.25 μm (Achrom, Machelen, Belgium), a split injector, and a flame ionization detector. Total SCFA production was determined by summing the molar concentrations of acetate, propionate, and butyrate. Lactate was measured using a commercially available enzymatic assay kit (R-Biopharm, Darmstadt, Germany) according to the manufacturer’s instructions.




2.4. Microbial Community Composition


Microbial community composition was quantitatively (lumen) and relatively (mucus) evaluated using shallow shotgun sequencing. Samples were collected 3 times per week from the final week of the control period through the final week of the follow-up period from both the luminal and mucosal environments. For DNA library preparation, a modified protocol of the Illumina Nextera XT library preparation kit (Illumina, San Diego, CA, USA) was used; libraries were quantified using the Qubit (Thermo Fisher, Waltham, MA, USA). DNA libraries were sequenced on an Illumina HiSeq platform (2 × 150 bp). Unassembled sequencing reads were directly analyzed for multi-kingdom microbiome analysis and quantification of relative abundances as previously described [27,28,29,30]. Briefly, the analysis was conducted using curated genome databases and a high-performance data-mining algorithm that rapidly disambiguates hundreds of millions of metagenomic sequence reads to identify the specific microorganism for each identified sequence. For absolute abundance, the total number of bacterial cells was determined using BD FACSVerse Cell Analyzer (BD Biosciences, Franklin Lakes, NJ, USA) (high flow rate setting; threshold, 200 [SYTO channel]). The proportional values obtained using shallow shotgun sequencing were converted to absolute quantities by adjusting to the total bacteria quantification by flow cytometry (relative abundances of each population in a sample × the total cell count) as described by Vandeputte et al. [31].




2.5. Statistical Methods


A two-tailed homoscedastic t-test was used for both the comparison of the individual antibiotic and follow-up weeks to the control period (community activity), and for the comparison of the follow-up period to the control period (community activity and community composition). Statistical comparison of the untreated and treated arm was performed with a two-tailed paired t-test, since samples of the different conditions were taken at the same time points throughout the experiment. For microbial community composition, statistical tests were performed on the log-transformed data to accomplish a normal distribution. A p-value < 0.05 was considered statistically significant.





3. Results


3.1. Microbial Community Activity


SCFA levels for all donors combined are shown in Figure 1. There was a significant decrease from the control period to the antibiotic period for all three SCFAs. In the follow-up period, levels of acetate in the untreated chambers (i.e., no probiotic treatment) spontaneously recovered to levels significantly higher than the antibiotic period and near that observed during the control period, though the levels remained significantly different from the control period with the exception of the untreated PC samples (Figure 1a). This observation was similar for propionate; levels were significantly higher in the follow-up period versus the antibiotic period though the recovery levels remained significantly lower than those observed in the control period (Figure 1b). For butyrate, there was some recovery of the levels in the follow-up period, but to a lesser degree than observed with the other SCFAs (Figure 1c). In the PC, lactate levels were similar in the antibiotic period and significantly decreased in the follow-up period relative to the control period but not the antibiotic period (Figure 1d). In the DC, very little lactate was observed in the control period; the level significantly increased in the antibiotic period but returned to control period levels in the follow-up period. Patterns of SCFA levels were generally similar in the PC and DC, though the changes were more pronounced in the DC compared with the PC. There were no significant differences between untreated and treated for any of the SCFAs at any of the timepoints. In the antibiotic period, the lactate level in the treated chambers was significantly higher than that observed for the untreated chambers; there were no other significant differences between untreated and treated at any timepoint. Given the interindividual variability of the microbiome, we considered it likely that there would be some variation in the response to antibiotic treatment. Thus, SCFA and lactate levels for each individual donor are shown in Figure S1. The findings for individual donors were generally similar to those reported for the pooled data.




3.2. Microbial Community Composition


The reciprocal Simpson diversity index is a measure of the diversity and evenness of the microbial community. When all donors were averaged, there was a significant increase in the reciprocal Simpson diversity index between the control and antibiotic periods in the PC lumen for both the untreated and treated chambers; the index returned to similar to, or significantly higher levels than control in the follow-up period (Table 1). In the DC lumen and the PC and DC mucus, the reciprocal Simpson diversity index was significantly decreased during the antibiotic period when compared to the control period for both untreated and treated. In the follow-up period, diversity returned to levels similar to, or significantly higher than the control period; there was no difference between untreated and treated. Thus, probiotics had no effect on the recovery of diversity following antibiotic treatment.



Antibiotic treatment resulted in changes at both the phylum level (Figure 2, Table S1 (individual donors, lumen), Table S2 (individual donors, mucus)) and family level (Figure 3, Table S3 (individual donors, lumen), Table S4 (individual donors, mucus)) as expected. Antibiotic treatment resulted in a significant decrease in all bacterial families in both the PC and DC of the lumen versus the control period (Figure 2a–e). In the mucus layer of the PC and DC, changes in the proportional abundance varied among phyla (Figure 2f). The abundance of Bifidobacteriaceae changed notably with antibiotic treatment, accounting for the bulk of the changes in Actinobacteria levels (Figure 3b). In the follow-up period, the levels of Actinobacteria recovered and changes at the family level were similar for treated and untreated (Figure 3a). Overall, the results indicate a similar recovery in the untreated and treated arms.



Bacteroidetes levels were significantly reduced in all colon regions in the antibiotic versus control periods (Figure 2a,b), which was mainly due to decreases in the following families: Bacteroidaceae and Tannerellaceae in all colon regions and Rikenellaceae in the DC (Figure 3a,b). These levels recovered during the follow-up period and recovery was similar for the untreated and treated chambers. In the mucosal DC, the Bacteroidaceae levels recovered to a higher extent in the treated arm (p < 0.05 versus the control period) than the untreated arm (Figure 3b).



Firmicutes levels were also significantly reduced between the control period and the antibiotic period in all colonic regions (Figure 2a,b), indicating a dysbiosed microbial community. This was mainly linked to a reduction in the butyrate-producing Lachnospiraceae, Clostridiaceae, and Ruminococcaceae families, and the propionate-producing Veillonellaceae family, and to a lesser extent, the lactate-producing Enterococcaceae family (Figure 3a,b). Generally, Firmicutes levels recovered during the follow-up period and differences between the untreated and treated arms were limited (Figure 2). Bacillaceae levels were significantly increased in the luminal PC and DC with treatment, which can be linked with the presence of bacterial species of this family in the MegaSporeBiotic™ probiotic (Figure 3a). Ruminococcaceae levels recovered to a significantly higher extent with treatment than without in both the luminal and mucosal PC; levels recovered to those observed in the control period with treatment but remained significantly decreased versus the control period without treatment (p < 0.05) (Figure 3a,b). In the luminal DC the levels of Clostridiaceae were significantly enhanced with treatment versus untreated and reached higher levels with treatment than were observed in the control period (Figure 3a). In the mucosal DC, a similar observation was made regarding the recovery of the butyrate-producing Lachnospiraceae and the propionate-producing Veillonellaceae families, and the opposite for unclassified Clostridia (Figure 3b).



The Proteobacteria were increased with antibiotic treatment; increases were significant in most colon regions (Figure 2a,b) and were mainly linked with increases in Enterobacteriaceae, Pseudomonadaceae, and Xanthomonadaceae (Figure 3a,b). Proteobacteria levels gradually decreased in the follow-up period, though they remained significantly elevated compared with the control period in all colonic regions (Figure 2a,b). There were limited differences between untreated and treated. Enterobacteriaceae levels tended to decrease to a greater extent in the treatment arm versus untreated in the lumen (Figure 3a).



For Akkermansia muciniphila, the only representative of the Verrucomicrobia phylum, levels were significantly reduced after antibiotic treatment, most notably in the lumen (Figure 3a). While there was recovery of Verrucomicrobia abundance in the follow-up period, there were no differences between untreated and treated.





4. Discussion


The effect of daily supplementation of MegaSporeBiotic™ spore-based probiotic formulation on the recovery of the microbial community activity and microbial community composition after antibiotic-induced dysbiosis was assessed using a Baby-Quad-M-SHIME® model evaluating the microbiota from four individual baby donors. Recovery with probiotic treatment was compared to that of untreated (i.e., spontaneous recovery).



SCFA levels decreased significantly from the control period upon antibiotic treatment and recovered similarly in both the untreated and treated groups. In the follow-up period, levels of acetate and propionate had recovered to levels similar to the control period for most donors while levels of butyrate were increased over the antibiotic period but remained significantly lower than in the control period, indicating that a longer recovery time was necessary. The recovery of lactate levels in the PC varied somewhat between donors, making the results difficult to interpret, but there were no major differences in recovery for untreated versus treated. In the DC, lactate levels were very low in the control period and increased significantly in the antibiotic period. Given that lactate is a substrate for SCFA production [32,33,34,35] and the fact that SCFA production was significantly decreased during the antibiotic period, this may indicate a loss of lactate-utilizing bacteria after antibiotic treatment, as lactate accumulation is associated with dysbiosis [36,37,38]. Lactate levels were reduced in the follow-up period, potentially reflecting the observed microbiota recovery. Overall, our findings showed a similar recovery of microbial metabolic activity with or without treatment with MegaSporeBiotic™, suggesting that probiotic intervention did not aid in recovery from antibiotic-induced dysbiosis in the Baby-SHIME® model. Treatment appeared safe in that there were neither increases in microbial pathogens nor signals of dysbiosis with treatment. These findings are important given that there is a paucity of data for the use of probiotics in infants following antibiotic treatment.



Regarding the microbial community composition, antibiotic treatment reduced the abundance of Actinobacteria, Bacteroidetes, Firmicutes, and Verrucomicrobia and increased the levels of Proteobacteria, indicating a dysbiosed microbial community. When antibiotics were stopped, a consistent spontaneous recovery of the microbial community composition was observed for all four donors. There were minimal differences between untreated and treated, indicating an overall similar microbial recovery for both test conditions. Probiotic supplementation to infants throughout the first 6 months of life revealed minimal changes in the infant gut microbiome, with the only difference from untreated being an increase in the abundance of Bifidobacterium in the first week of treatment [39]. Therefore, it may not be surprising that probiotic supplementation had little effect on the infant gut microbiome. However, it must be noted that the participants in that study were administered a variety of probiotics (parent’s choice), so the findings are very generalized and do not relate to specific probiotic strains. There is also some evidence that breastfeeding versus formula feeding affects the response of the infant microbiome to probiotic treatment. A strong impact on the gut microbiota composition was observed for infants who received antibiotics and probiotics and were breastfed while the same was not true for those who were formula fed [40]. The feed used in our study was based on formula feed rather than breastmilk, which may have affected our results.



It is of interest to evaluate whether probiotic strains engraft with treatment. We observed a significant increase in the Bacillaceae family during the follow-up period in both the PC and DC of the treated chambers, indicating that there was at least partial engraftment of the probiotic strains. Although this observation of potential engraftment is encouraging, the authors note that we were not able to evaluate long-term engraftment in this study. Studies are mixed as to whether orally administered probiotics can stably or transiently engraft [41,42]; while stable engraftment appears possible for some probiotics, this may be dependent on the gut microbiome of the host as well as other host-related factors [41,43,44]. This was demonstrated by a study of Bifidobacterium longum AH1206 which reported long-term persistence (> 6 months) in only 30% of study participants [41], as well as mouse studies that suggest the presence of an exclusive metabolic niche enables engraftment in the gut microbiota [43]. It has been suggested that prebiotics improve engraftment [45]; therefore, it would be interesting to test for engraftment of the MSB strains with and without prebiotics and to determine whether any specific prebiotics facilitate improved engraftment of these strains.



MegaSporeBiotic™ supplementation has been shown to result in changes in community activity and composition, such as increased propionate levels, decreased lactate levels, and increased Akkermansia muciniphila, Bifidobacteria spp., and Firmicutes in an M-SHIME® model using the fecal microbiota of adult donors under healthy conditions [21]. Because of this, we hypothesized that MegaSporeBiotic™ treatment may enhance recovery following antibiotic-induced dysbiosis in an M-SHIME® model using fecal microbiota of baby donors. While the chambers treated with MegaSporeBiotic™ did recover both microbial community activity and composition following antibiotic-induced dysbiosis, the recovery was not enhanced relative to untreated (i.e., spontaneous recovery). A study in premature infants found that supplementing probiotics containing B. longum, Lactobacillus acidophilus, and Enterococcus faecalis within two days of receiving cefotaxime antibiotics resulted in increased beneficial bacteria relative to the infants who received antibiotics only [46], indicating that there may be a role for probiotics in antibiotic-induced dysbiosis recovery. Another study evaluated probiotic supplementation (Bifidobacterium breve, Propionibacterium freundenreichii, Lactobacillus rhamnosus Lc705, and L. rhamnosus GG) to mothers during pregnancy and their infants after birth for 3 months [40]. Using fecal samples collected from the infants at 3 months, the study reported that there was a strong effect of antibiotic use and birth mode (i.e., vaginal birth versus caesarean section) in the group that did not receive probiotics, which was eliminated in the group that did, indicating that consistent probiotic use could mitigate the damaging effects of antibiotic use on the fecal microbiota. Together, these studies may indicate the importance of earlier probiotic treatment (i.e., within two days of antibiotic treatment or concurrently with antibiotic treatment) for an improved effect of probiotics in babies treated with antibiotics.



Our study had several limitations. This was an in vitro study. As such, the results cannot directly translate to biological responses, meaning that studies in vivo are needed to confirm these findings. Probiotic treatment was initiated following five days of antibiotic treatment; thus, we were not able to evaluate the potential benefits of earlier or simultaneous probiotic supplementation. Additionally, the study was not designed to evaluate whether the probiotic strains established themselves within the gut microbiota; therefore, it is unclear whether the lack of effect was due to a lack of transient persistence or a true lack of effect. Finally, in the real world, antibiotics are given to treat an infection; however, in our study, the donors were healthy and did not have a known infection.



In general, recovery from antibiotic-induced dysbiosis was similar for untreated and treated chambers, indicating that intervention with MegaSporeBiotic™ did not result in a faster or different recovery in microbial community activity or composition relative to spontaneous recovery. We speculate that the timing of probiotic intervention may be important and that earlier intervention (i.e., co-administration of antibiotics and probiotics) may provide benefit. Additional studies evaluating different timings of MegaSporeBiotic™ treatment may be of interest.
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Figure 1. Changes in acetate (a), propionate (b), butyrate (c), and lactate (d) over the control (n = 12), antibiotic (n = 12; final timepoint), and follow-up (n = 24) periods for pooled donors. Purple bars represent untreated chambers and green bars represent chambers treated with MegaSporeBiotic™. Levels in the AB and FU periods were compared to the control period and levels in the AB period were compared to the FU period using a two-tailed homoscedastic t-test; comparisons between the untreated versus treated groups were made using a two-tailed paired t-test. * indicates a significant (p < 0.05) difference versus the control period, § indicates a significant (p < 0.05) difference for the AB period versus the FU period, # indicates a significant (p < 0.05) difference for untreated versus treated. AB, antibiotic period; C, control period; DC = distal colon; FU, follow-up period; PC = proximal colon. 
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Figure 2. Average absolute abundance (cells/mL) of different phyla in the lumen. Actinobacteria (a), Bacteroidetes (b), Firmicutes (c), Proteobacteria (d), Verrucomicrobia (e), and average proportional abundance (%) of different phyla in the mucus (f) of the untreated and treated PC and DC compartment. The average values (n = 12) of different phyla for data pooled from four different 6–24-month-old baby fecal donors (n = 3 for each donor). Samples were collected at the end of the control period, at the end of the antibiotic period, and at the end of the follow-up period. Dark blue bars represent Actinobacteria, orange bars represent Bacteroidetes, gray bars represent Firmicutes, yellow bars represent Proteobacteria, and light blue bars represent Verrucomicrobia. Levels in the antibiotic and follow-up periods were compared to the control period using a two-tailed homoscedastic t-test; comparisons between the untreated and treated groups were made using a two-tailed paired t-test. * indicates a significant (p < 0.05) difference versus the control period, # indicates a significant (p < 0.05) difference for untreated versus treated. AB = antibiotic; C = control period; DC = distal colon; FU = follow-up period; PC = proximal colon. 
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Figure 3. Average proportional abundance (%) of different families in the lumen (a) and in the mucus (b) of the untreated and treated PC and DC compartment. The average values (n = 12) of different families for data pooled from four different 6–24-month-old baby fecal donors (n = 3 for each donor). Samples were collected at the end of the control period, at the end of the antibiotic period, and at the end of the follow-up period. Levels in the antibiotic and follow-up periods were compared to the control period using a two-tailed homoscedastic t-test; comparisons between the untreated and treated groups were made using a two-tailed paired t-test. * indicates a significant (p < 0.05) difference versus the control period. AB = antibiotic; C = control period; DC = distal colon; FU = follow-up period; PC = proximal colon; u f = unidentified family. 
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Table 1. Average reciprocal Simpson diversity index.
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Untreated

	
Treated




	

	
Control

Period

	
Antibiotic

Period

	
Follow-Up

Period

	
Control

Period

	
Antibiotic

Period

	
Follow-Up

Period






	
PC lumen

	
6.06

	
9.62 *

	
7.54 *

	
5.87

	
8.28 *

	
7.30




	
DC lumen

	
20.40

	
7.90 *

	
22.64 *

	
19.59

	
8.11 *

	
23.66 *




	
PC mucus

	
13.58

	
9.13 *

	
10.97

	
11.34

	
8.41 *

	
14.56




	
DC mucus

	
24.52

	
11.92 *

	
23.27

	
24.31

	
11.77 *

	
25.31








Data are presented as the average of donors A–D. * p < 0.05 versus control period.
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